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ABSTRACT

Kenny, Nicole. M.S, Department of Chemistry, Wright State University, 2022. Detection
and Identification of Prevalent Cutting Agents in ‘Street’ Samples Utilizing Handheld and
Benchtop Raman Spectroscopy and Surface-Enhanced Raman Spectroscopy (SERS).

Illicit and licit drugs continue to have a negative impact on the public’s health
even with new regulations and laws. At local, state, and federal levels, crime laboratories
analyze samples in a variety of mixtures and concentrations. Raman spectroscopy is a
molecular fingerprinting, multiplex technique, which is considered a category A forensic
characterization tool by the Scientific Working Group for the Analysis of Seized Drugs
(SWGDRUG). The sensitivity of the Raman technique can be further enhanced down to
the single-molecule detection level when analytes of interest are located at the interstitial
sites of aggregated silver nanoparticles (i.e., the “hot spots” of enormous
electromagnetic fields). This is the surface-enhanced Raman spectroscopy (SERS)
effect, which was exploited in this work for the enhanced detection of sucrose, caffeine,
acetaminophen, and quinine sulfate dihydrate, prevalent cutting agents in “street”
samples. To achieve this, tangential flow filtration (TFF) was utilized to purify, sizeselect, and concentrate two types of synthesized silver nanoparticles (AgNPs). The
physicochemical properties of AgNPs were then characterized by UV-Vis, ICP-OES, and
Raman spectroscopy before SERS measurements.
The limit of detection for each cutting agent in solution was first determined and
used as a starting point for SERS measurements. The resulting LODs visually were, 0.2
M, 0.0089 M, 0.08 M, and 5.10 x 10 -6 M, for sucrose, caffeine, acetaminophen, and
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quinine sulfate dihydrate solutions, respectively, and calculated LODs using a specific
characteristic band were 0.02 M, 0.002 M, 0.008 M, 1.7 x 10 -4 M, respectively. The
resulting SERS spectrum of each cutting agent demonstrated detection of characteristic
bands that were indistinguishable from noise in the normal Raman measurements. By
considering band patterns and ratio of intensities, indications of the electromagnetic and
chemical enhancement mechanisms could be discussed.
The SERS enhancement factor was estimated for the quinine sulfate dihydrate
solution, and the lowest limit of detection was established. The visual LOD was 6.4 x 10 -8
M and a calculated LOD using the 1367 cm-1 band was 9.09 x 10-9 M. The SERS
enhancement factor calculated from the 6.4 x 10 -8 M spectrum and 1367 cm-1
characteristic band and water bands was 5.14 x 104, which is an average amount of
signal enhancement.
SERS has many variables that are necessary to be considered and kept
consistent to ensure reproducibility and future use for crime laboratories. The resulting
enhancement will be affected by nanoparticle size, geometry, homogeneity, surface
chemistry/surface charge and concentration causing the resulting plasmonic resonance
to vary. Through comparison of resulting spectra, AgNPs size, concentration, synthesis
method, and pH of analyte solution were considered and discussed within this work.
In addition to SERS techniques, handheld Raman devices has been of interest
due to quick and easy detection of controlled substances. Two handheld devices,
Thermo Scientific Gemini and Rigaku Progeny ResQ were compared to the benchtop
instrument. The handheld devices produced characteristic spectra for all solids and most
aqueous samples in addition to various mixtures. Student t-tests indicated there were
statistical differences from the resulting S/N ratios of the benchtop instruments and the
handheld devices for the solids and aqueous solutions, but comparable S/N ratios for the
mixtures.
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Future studies could focus on implementing this SERS-based multiplex sensing
technique in the analysis of “street” samples, with handheld devices for immediate public
health benefits.

v

Table of Contents
Introduction ............................................................................................................. 1
1. Controlled Substances and SWGRDUG .................................................................1
1.1 Typical Drug Detection Methods ............................................................................................ 2

2. Cutting Agents ...........................................................................................................3
2.1 Each Cutting Agent Chosen .................................................................................................... 6

3. Raman Spectroscopy ................................................................................................9
3.1 Working Principle ....................................................................................................................... 9
3.2 Raman for Drug Analysis ....................................................................................................... 11

4. Surface Enhanced Raman Spectroscopy ............................................................. 14
4.1 Working Principle ..................................................................................................................... 14
4.2 Factors Influencing SERS Enhancement ........................................................................... 16
4.3 Nanoparticle Aggregation ...................................................................................................... 17
4.4 SERS for Drug Detection ........................................................................................................ 18

5. Handheld Devices ....................................................................................................20
6. Approach for this Work ........................................................................................... 21

Experimental Methods ......................................................................................... 22
1. Instrument................................................................................................................. 22
1.1 Calibration .................................................................................................................................. 22

2. Materials.................................................................................................................... 22
3. Solution Samples .....................................................................................................23
3.1 Sample Preparation.................................................................................................................. 23

4. Synthesis of Silver Nanoparticles ......................................................................... 24
4.1 Sodium Borohydride Reduced.............................................................................................. 24
4.2 Citrate Reduced ........................................................................................................................ 24

5. Tangential Flow Filtration (TFF) ............................................................................. 25
6. AgNPs Characterization .......................................................................................... 25
6.1 UV-Vis Spectroscopy Characterization .............................................................................. 25
6.2 Inductively Couples Plasma Optical Emission Spectroscopy (ICP-OES) ................. 26
6.3 Raman Spectroscopy .............................................................................................................. 27

7. SERS Samples ......................................................................................................... 27
8. Incubation Time ....................................................................................................... 28
9. Solid Samples .......................................................................................................... 28
10. Mixtures .................................................................................................................. 29

vi

10.1 Sample Preparation ............................................................................................................... 29
10.2 Sample Analysis ..................................................................................................................... 30

11. Handheld Raman Instruments ............................................................................. 30
11.1 Thermo Scientific Gemini ..................................................................................................... 30
11.2 Rigaku Progeny ResQ ........................................................................................................... 30
11.3 Sample Preparation and Analysis ..................................................................................... 31

Results and Discussion ....................................................................................... 32
1. Aqueous Solution ....................................................................................................32
2. Surface Enhanced Raman Spectroscopy (SERS) Characterization .................. 37
2.1 Concentration and Size-Distribution of AgNPs ................................................................ 37
2.2 UV-Vis Absorption Spectroscopy Analysis of AgNPs ................................................... 38
2.3 Inductively Coupled- Optical Emission Spectroscopy (ICP-OES) .............................. 40
2.4 Raman Spectroscopy Analysis of AgNPs ......................................................................... 41

3. Surface Enhanced Raman Spectroscopy (SERS) Analysis of Common Cutting
Agents ........................................................................................................................... 42
4. SERS Limit of Detection (LOD) .............................................................................. 51
5. Analytical Enhancement Factor (AEF) ..................................................................55
6. SERS Reproducibility .............................................................................................. 56
7. Benchtop verses Handheld Raman Capabilities ................................................. 62

Conclusions .......................................................................................................... 72
References ............................................................................................................ 77
Appendices ........................................................................................................... 84
Appendix A: Tangential Flow Filtration Set-up ........................................................ 84
Appendix B: Incubation Time Study.......................................................................... 85
Appendix C: Precipitate Formation ........................................................................... 88
Appendix D: Raman Spectra of Each Aqueous Solution........................................ 90
Appendix E: SERS Limit of Detection (LOD) of Quinine Sulfate Dihydrate .......... 95
Appendix F: Analytical Enhancement Factor (AEF) Calculation ........................... 96
Appendix G: Benchtop verses Handheld Resulting Spectra .................................98
Appendix H: Example Output Reports from Handheld Devices .......................... 106
Appendix I: Assignment Tables ............................................................................... 108
Appendix K: Benchtop versus Handheld Resulting Spectra of Mixtures ........... 125

vii

List of Figures
Figure 1: Chemical structure of fentanyl (Made with ChemDoodle) ...................... 5
Figure 2: Chemical structures of (a) sucrose, (b) caffeine, (c) acetaminophen,
and (d) quinine. (Made with ChemDoodle) ............................................................. 7
Figure 3: (a) Simplified Jablonski diagram (b) schematic depicting resulting
scattering energy.15,16 ............................................................................................ 10
Figure 4: Schematic of LSPR effect...................................................................... 15
Figure 5: Image of the solid mixture sample for Raman analysis. ....................... 30
Figure 6: Average Raman spectrum (range 100-2000 cm-1) of each cutting agent
at the largest aqueous solution concentration (n=3), (a) 2 M aqueous sucrose
solution, (b) 0.089 M aqueous caffeine solution, (c) 0.08 M aqueous
acetaminophen (APAP) solution, and (d) 5.10 x 10-4 M aqueous quinine sulfate
dihydrate solution. ................................................................................................. 33
Figure 7: Average Raman spectra of each aqueous solution cutting agent at
decreasing concentrations from serial dilutions (n=3). For illustrative purposes
the baseline was shifted. (a) sucrose, (b) caffeine, (c) acetaminophen (APAP) (d)
quinine sulfate dihydrate. ...................................................................................... 35
Figure 8: Calibration curves for limit of detection calculations (a) sucrose solution,
(b) caffeine solution, (c) acetaminophen solution, (d) quinine sulfate dihydrate
solution................................................................................................................... 36
Figure 9: (a) Flow chart of the typical Tangential Flow Filtration process 42,46 (b)
Example of TFF resulting colloid solutions of the Creighton synthesized AgNPs.
Left to right of the image; Original AgNPs, 500 kD filtrate, 500 kD retentate, 100
kD filtrate, 100 kD retentate. ................................................................................. 38
Figure 10: (a) Sodium borohydride reduced AgNPs UV-Vis absorption spectra for
each Tangential Flow Filtration filtrate and retentate. (b) Citrate reduced AgNPs
UV-Vis absorption spectra of 10kD retentate “Original Citrate AgNPs” and the
diluted 10 kD retentate colloid used for experiments. .......................................... 39

viii

Figure 11: ICP-OES Calibration curve (a) prepared with six silver standards for
smaller concentrations measurements (sodium borohydride reduced AgNPs) (b)
prepared with eight silver standards for the larger concentration measurements
(citrate reduced AgNPs). ....................................................................................... 40
Figure 12: Raman spectra of (a) sodium borohydride reduced AgNPs (b) citrate
reduced AgNPs. .................................................................................................... 42
Figure 13: Example of a blank spectrum from between samples. Blank consists
of AgNPs, deionized water, and KBr. ................................................................... 43
Figure 14: (a) Average normal and SERS Raman spectra of 0.02 M sucrose
solution (n=3) (b) Average normal Raman spectrum of 2 M aqueous solution and
SERS spectrum of a 0.02 M sucrose solution. Baseline shifting was implemented
for illustration (n=3)................................................................................................ 44
Figure 15: (a) Average normal and SERS Raman spectra of 8.9 x 10-4 M caffeine
solution (n=3) (b) Average normal Raman spectrum of 8.9 x 10 -2 M aqueous
caffeine solution and SERS spectrum of 8.9 x 10-4 M caffeine solution. Baseline
shifting was implemented for illustration (n=3). .................................................... 46
Figure 16: (a) Average normal and SERS Raman spectra of 8.0 x 10 -4 M
acetaminophen solution (n=3) (b) Average normal Raman spectrum of 8.0 x 10 -2
M aqueous acetaminophen solution and SERS spectrum of 8.0 x 10-4 M
acetaminophen solution. Baseline shifting was implemented for illustration (n=3).
............................................................................................................................... 48
Figure 17: (a) Average normal and SERS Raman spectra of 5.1 x 10-7 M quinine
sulfate dihydrate solution (n=3) (b) Average normal Raman spectrum of 5.1 x 10 -4
M quinine sulfate dihydrate aqueous solution and SERS spectrum of 5.1 x 10 -7 M
quinine sulfate dihydrate solution (n=3) (c) Zoomed in SERS spectrum of 5.1 x
10-7 M quinine sulfate dihydrate solution. Baseline shifting was implemented for
illustration............................................................................................................... 50
Figure 18: Average SERS spectra of quinine sulfate dihydrate sample (Black)
5.10 x 10-7 M, (red) 2.55 x 10-7 M, (Blue) 1.27 x 10-7 M, (Turquoise) 9.57 x 10-8 M,
(Pink) 6.40 x 10-8 M, (Green) 5.10 x 10-8 M, (Dark blue) 5.10 x 10-9 M. (n=3) (b)
SERS quinine sulfate dihydrate calibration curve for LOD. ................................. 53
Figure 19: Average SERS spectra of quinine sulfate dihydrate samples (a) 5.1 x
10-7 M, (b) 2.55 x 10-7 M, (c) 1.27 x 10-7 M, (d) 9.57 x 10-8 M, (e) 6.40 x 10-8 M, (f)
5.10 x 10-8 M, (g) 5.10 x 10-9 M (n=3). .................................................................. 54
Figure 20: Average SERS Spectrum of 5.10 x 10-7 M quinine sulfate dihydrate
solution with citrate reduced (black) and sodium borohydride reduced (blue)
AgNPs (n=3). ......................................................................................................... 57

ix

Figure 21: Average SERS spectra of caffeine solution (black) and protonated
caffeine solution (blue) (n=3). ............................................................................... 60
Figure 22: Average normal Raman spectra of acetaminophen (a) benchtop
instrument (n=10) (b)Thermo Scientific Gemini device (n=3) (c) Rigaku Progeny
Res Q device (n=3). .............................................................................................. 63
Figure 23: (a) Thermo Scientific Gemini device averaged resulting Raman
spectra of 2 M sucrose solution (b) Thermo Scientific Gemini device averaged
resulting Raman spectra 5.10 x 10-4 M quinine sulfate dihydrate solution (n=3,
only 1 run of 3 replicates could be acquired) (c) average benchtop spectrum of 2
M sucrose solution (d) average benchtop spectrum of 5.1 x 10-4 M quinine sulfate
dihydrate solution (n=10)....................................................................................... 65
Figure 24: Mixture 5 averaged resulting Raman Spectra (a) benchtop (baseline
corrected) (n=10) (b)Thermo Scientific Gemini device (n=3) (c) Rigaku Progeny
Res Q device (n=3). .............................................................................................. 70

x

List of Tables
Table 1: Cutting agent mixture ratios for analysis. ............................................... 29
Table 2: Interpolated silver concentration in colloidal solutions. .......................... 41
Table 3: Resulting matches indicated from the handheld devices. ..................... 66
Table 4: Resulting matches from each handheld device. .................................... 68

xi

Acknowledgments
I would first like to express my gratitude to Dr. Steven Higgins for accepting me
to his group during a difficult time and guiding me through the end of my graduate school
career. His dedication, patience, and hard work for his students has been incredible. I
have learned so much through our time working together and am extremely grateful. I
would also like to thank Dr. Ioana Pavel for encouraging me to join her research group
and starting this project with me.
I would also like to express thanks to Dr. David Dolson and Dr. Audrey McGowin
for serving on my committee, but also always being available for questions and
guidance. In addition, an appreciation for Mr. Garrett VanNess and Mr. Joseph Solch for
their help and guidance during instrumentation training and their knowledge of analytical
chemistry. I would like to thank Ms. Kelly Burcham in the WSU Chemistry department
office for her continued assistance and willingness to answer any question I had.
Moreover, I would like to thank Caitlyn Harris, my undergraduate assistant, for
her help in conducting experiments and discussion of data. In addition, I would like to
express my gratitude for Praveen Kumar for his generosity of his time, willingness to
answer questions, and teaching new techniques and methods to me. Also, I would like to
extend my greatest appreciation to all my colleges and now friends from WSU, Clara
Leedy, Sophia Angelopoulos, Harsimranjeet Kaur Chahal, Morgan Grunden, Wesley
Alexander, and Sam Farrar, for their support, fun times, and memories we all have had
together.

xii

Finally, I would like to thank my family who have always believed in me,
supported me, and helped me along the way. The words “Thank you” do not express my
love and gratitude for you all. Without all of you, I would not be who I am today, and for
that I will be forever grateful.

xiii

Introduction
1. Controlled Substances and SWGRDUG
Controlled substances are any drugs or chemicals that are regulated under
federal law and are categorized into five schedules. The schedule placement is based
upon the substance’s medical use, potential for abuse, and safety or liability
dependence. Many parameters are considered when categorizing each material such
as, history and current patterns of abuse, risks to public health, pharmacological effect,
scientific knowledge of substance, and whether the substance is an immediate precursor
of a substance already controlled.1 Detection and identification of controlled substances
is a common task for forensic laboratories due to the prevalence of drug use. According
to the United Nations Office on Drugs and Crime (UNODC), despite the proven dangers,
illicit drug use is still prevalent. Over the past year, around 275 million people have used
drugs, which is up by 22% since 2010 and it is projected by 2030 the use will increase
by another 11% around the world.2 Provisional data from the CDC’s National Center for
Health Statistics indicated an estimated 100,306 drug overdose deaths in the United
States in 2021, a 28.5% increase from the previous year.3
‘Street samples’ that are presented to the laboratory come in all forms and
matrices. Many methods are used for the steps of analysis, and they range in selectivity
and ease. The Scientific Working Group for the analysis of seized drugs (SWGDRUG)
has grouped these methods into three categories based on the selectivity and
reviewability. Category A is selectivity through structural information, B is selectivity
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through chemical or physical characteristics, and C is selectivity through general or class
information.4 For example, category A methods include infrared spectroscopy, mass
spectroscopy, nuclear magnetic resonance spectroscopy, Raman spectroscopy, and Xray diffraction. Category B includes capillary electrophoresis, gas chromatography, ion
mobility spectrometry, liquid chromatography, microcrystalline tests, supercritical fluid
chromatography, UV-vis spectroscopy, and macro/micro examination for cannabis only.
Category C includes, color tests, fluorescence spectroscopy, immunoassay, melting
points, and pharmaceutical identifiers.4 All of the SWGDRUG categories and standards
are recommendations intended to assist forensic laboratories in developing their own
protocols and policies based on their jurisdictional requirements. Non-crime lab research
for methods of drug detection have been critical for laboratories before implementing
techniques into the judicial system.

1.1 Typical Drug Detection Methods
Many studies have been conducted on the detection of controlled substances in
addition to techniques implemented in crime laboratories today. The most common
analytical techniques for drug detection in crime laboratories are gas or liquid
chromatography with mass spectrometry detection, and infrared spectroscopy. These
are common since they are all category A or B analysis techniques according to
SWGDRUG and will allow confident identification in the court of law.
Mass spectrometry (MS) is considered a ‘gold standard’ in forensic analysis due
to the discriminatory capabilities. 5 MS is typically coupled with gas chromatography
(GC), or liquid chromatography (LC) for its separation of analytes from matrices before
MS can be employed. However, prior to any instrumentation, the use of sample
preparation to ‘clean up’ sample mixtures are important for the proper use of the
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instrument but also to reduce matrix interference when detecting at low levels. Many
substances can be identified using MS in combination with the separation technique. GC
does require analytes to be volatile or to be derivatized for separation to occur.
Sensitivity of current MS instruments with separation techniques allows for detection of
analytes at low concentrations and excellent specificity (i.e., characteristic
fragmentation) at the cost of long analysis times overall and destruction of samples. 5
Infrared (IR) spectroscopy is another discriminatory method based on absorbed
radiation. Interpretation of spectra allows for molecular functional groups to be identified
and differentiation between compounds. Sample preparation is still needed since
interference is very common and causes difficulty in identification. However, IR
spectroscopy does not destroy the sample and can discriminate between freebase/acid
salt forms (e.g., crack cocaine vs cocaine HCl).5

2. Cutting Agents
Part of drug analysis is differentiating adulterants and dilutants or ‘cutting agents’
from the controlled substances. Drugs of abuse change in popularity therefore detection
for all types of analogues and similar compounds are needed. Supply chains and
dealers are businesses, they want to stretch their product for however long they can, to
make the most money. They do this by adding cutting agents to ‘street samples’. Cole et
al.6 has stated that research has shown less adulteration of street samples actually takes
place than originally perceived. Stories of illicit drugs cut with household cleaning
products, brick dust, and ground glass are inaccurate and potentially created to explain
overdose deaths among users since they are typically unaware of the exact contents. 6
However, adulteration still occurs in some capacity. Fiorentin et al.7 did a study looking
at the detection of adulterants in 1582 seized drug exhibits in seven states from June to
November of 2021. From the work, the distribution of adulterants in all samples was
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39.7% while the remaining 60.3% were controlled substances. Specifically in Ohio, out
of the 190 samples, 61% contained 1-4 adulterants, 7% contained 5-8 adulterants, 1%
contained 9 or more adulterants, while 31% contained no adulterants. 7 Fiorentin et al.8
also evaluated seized drug materials from Vermont and Kentucky using gas
chromatography mass spectrometry in a separate study and a majority of the cases
(36%) had 1-4 cutting agents, 31% of the cases had 5-8 cutting agents, 6.9% of cases
had 9 or more cutting agents while 25.2% of cases contained no cutting agents.
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Reasons for cutting agents in illicit drugs are typically to add bulk, enhance or
mimic the effects of illicit drugs, and to ease or make the administration of the illicit drug
more efficient.4 Cutting agents have benefited the dealer and user since different effects
can be enhanced and added due to the possible adulterants or dilutants. Cole et al.6
examined worldwide sources for relevant information about adulteration of illicit drugs
and revealed a lack of standardized forensic analysis and reporting practices for cutting
agents. In the forensic crime laboratories, it is not standard practice to report or quantify
the cutting agents based on how laws are written. Laboratories often follow the protocol
to report only controlled substances in the DEA Schedules I-IV. Specific data about
health effects caused by illicit drug adulteration is uncertain and has created difficulties
in comparing trends of cutting agent addition over time and worldwide.6,8,9
While findings have indicated many of the cutting agents added to drugs typically
involve substances that are legal, available, and have minimal impact on user health at
low dosage, other addition of other illegal substances is frequent as well. Ciccarone et
al.10 conduced qualitative interviews with people who use heroin in Massachusetts.
Interviews with drug users comment on how drugs have changed through the years as
different drugs and cutting agents become prevalent. This includes products that are
being sold as one drug but consists of others (i.e sold as heroin but contains fentanyl as
well). Users have been able to distinguish differences based on the taste, appearance,
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and powder color and continue to notice differences in each product they buy. 10 Fentanyl
(Figure 1) is a potent synthetic opioid that was introduced into medical practices in the
1960s. Fentanyl is a controlled schedule II drug according to the Drug Enforcement
Administration (DEA). It is 50 to 100 times more potent than morphine and some of the
analogues have an even higher potency since it can rapidly cross the blood-brain
barrier. Fentanyl works by binding to the body's opioid receptors, which are found in
areas of the brain that control pain and emotions. Fentanyl blocks pain signals sent from
the brain to the body and releases large amounts of dopamine throughout the body.11
There has been much concern for fentanyl since there has been a large increase in
overdose deaths since 2016 and fentanyl has been used as a direct substitute and
cutting agent for heroin in opioid dependent individuals.11,12 Due to this concern, fentanyl
and heroin are of focus when considering what cutting agents are typically used.

Figure 1: Chemical structure of fentanyl (Made with ChemDoodle)
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A study in Canada from Tupper et al.13 tested 1714 samples with Fourier
transform infrared (FTIR) spectrometry and fentanyl immunoassay strips to indicate the
unknown danger of fentanyl used as a cutting agent in response to the public health
fentanyl overdose crisis. Of the 99 samples reported to be opioids other than heroin,
only 26.3% contained any of the actual substance that matched user’s expectation, and
66.7% tested positive for fentanyl. Of the 907 samples expected to be heroin, only 160
(17.6%) contained the expected substance, while 822 (90.6%) samples tested positive
for fentanyl. Of 256 samples expected to be crystal meth 87.9% contained amphetamine
or methamphetamine and 5.9% tested positive for fentanyl. In addition to samples being
identified with other unexpected substances, adulterants were determined that were
other than fentanyl.13 Fiorentin et al.8 also indicated the most common cutting agent
found with each specific controlled substance based on the samples presented for the
study. In Kentucky, where cocaine and methamphetamine were the predominant
controlled substances, levamisole (17.5%) was the most prevalent adulterant detected
followed by diphenhydramine (13.0%), caffeine (11.5%), quinine/quinidine (8.5%), and
acetaminophen (7.0%). In Vermont, where opioids are prominent, the most common
cutting agent was caffeine (48.8%), followed by quinine/quinidine (33.6%), procaine
(22.2%), lidocaine (17.7%), and phenacetin (8.5%).8 Each cutting agent listed has
associated toxicity when too much is consumed, which presents another danger to the
user.

2.1 Each Cutting Agent Chosen
Considering common cutting agents seen in the literature mentioned above and
other crime laboratory trends, this work considers four cutting agents. Each were
examined in solid form, in aqueous solutions and in solutions with colloidal silver
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nanoparticles (AgNPs) to investigate Raman spectroscopy detection capabilities. Each
cutting agent was chosen considering specifically fentanyl and heroin drug products, the
three main reasons for cutting agents to be used (bulk, mimic effects, and ease of
administration), and some of the interview answers reported by Ciccarone et al.10. The
four cutting agents chosen for this work were sucrose, caffeine, acetaminophen, and
quinine sulfate dihydrate (quinine). (Figure 2)

(a)

(c)

(b)

(d)

Figure 2: Chemical structures of (a) sucrose, (b) caffeine, (c) acetaminophen, and (d)
quinine. (Made with ChemDoodle)
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Sucrose was chosen specifically considering bulk and the ease to acquire as a
cutting agent in drug products since it is legal.6 Sucrose is commonly used as a cutting
agent with fentanyl since it is sweet in taste. Typically, fentanyl has a sweet taste while
heroin is more bitter, by adding the sucrose, the user is led to believe they have a better
product that contains more fentanyl. 10 Health consequences are minimal but do include
high blood pressure, inflammation, fatty liver disease, and tooth decay. Considering
some of the studies listed above, caffeine was chosen as one of the cutting agents of
interest for this work. In addition to the prevalent use of caffeine in drug samples, it is
legal, cheap, and easy to acquire. 6 Heroin is typically cut with caffeine due the slight
enhancement of the administration of the drug since it has been found to vaporize heroin
at lower temperatures when smoked.6 In addition, caffeine helps to mask the negative
symptoms of heroin due to the presence of an ‘upper’(caffeine) and a ‘downer’(heroin)
substance. The user will be able to experience the ‘downer’ affects with the heroin but
also stay awake with the caffeine. However, overdoses are common since the user does
not realize how much they have actually taken. Caffeine, when chronically used, is
associated with withdrawal symptoms such as headache, irritability, anxiety, sleep
problems, stomach irritation, and chest pains in addition to other long-term toxicity.6,8
The toxicity will have an effect in the long term in addition to the controlled substance
itself. Acetaminophen was chosen since it mimics the effects of fentanyl as a pain
reliever, is cheap, and relatively easy to acquire.6,8 Acetaminophen alone is one of the
most common causes of poisoning worldwide and is believed to be used to cut heroin
due to similar analgesic properties as well.8 Some health effects include, nausea,
vomiting, flu-like symptoms, abdomen pain, yellowing of skin and eyes, stomach ulcers,
and liver damage. Quinine sulfate dihydrate is an antimalaria medication that is
commonly used in fentanyl and heroin drug samples. In addition to the popularity of this
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cutting agent, as demonstrated above, the quinine causes a hypotensive effect that
mimics the ‘rush’ of heroin and fentanyl when injected as well as the bitter taste
associated with heroin consumption. 6,8,10 Quinine has been related to cardiovascular
toxicity including, gastric disturbance, signs of infections, low blood sugar, and abnormal
heart rhythms. 6,8

3. Raman Spectroscopy
3.1 Working Principle
Raman spectroscopy is a well-established analytical technique which utilizes a
monochromatic laser beam that irradiates a sample producing scattered light that is
measured by a detector. Raman spectroscopy is a scattering technique based on the
Raman effect. The Raman effect is when the frequency of the scattered radiation is
different than the frequency of the incident radiation.14,15 Scattering is accompanied by
the polarization of the electron cloud of the molecule because of the incident
electromagnetic field. If the resulting photons are scattered at the frequency of the
incident radiation, the emitted photons have the same energy or wavelength as the
incident radiation and is termed the Rayleigh scattering. 15,16 A small fraction of scattered
radiation has a frequency different than the incident radiation. The polarizability of a
molecular vibrational mode can change as a function of the incident electromagnetic
field, resulting in inelastic or Raman scattering.14,16 Figure 3a demonstrate the Rayleigh
and Raman scattering through the modified Jablonski diagram.15,16
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(a)

(b)
Figure 3: (a) Simplified Jablonski diagram (b) schematic depicting resulting scattering
energy. 15,16
In Rayleigh scattering, the molecule is excited to a virtual state and emits a
photon back to the original ground electronic state. The scattering cannot be
distinguished from the incident radiation frequency and cannot be used for structural
interpretation of compounds. For Raman scattering, the absorbed photon is reemitted at
a different intensity that is much lower than the incident radiation. When the frequency of
the incident radiation is higher than the frequency of the scattered radiation, Stokes lines
appear, while when the frequency of the incident radiation is lower than the frequency of
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the scattered radiation, anti-Stokes line appear.14–16 Due to Maxwell-Boltzmann
distribution law, more molecules exist in the lower energy ground vibrational state than
an excited vibrational state, therefore Stokes scattering will produce a higher intensity
spectrum than anti-Stokes. This is the reason Stokes lines are typically used for spectral
analysis.15
A change in polarizability during molecular vibration is essential to obtain a
Raman spectrum of a sample.14 When the electrons around the bonds in the compound
are momentarily distorted, they become temporarily polarized (i.e., an induced dipole).
This is from the laser light interacting with molecular vibrations resulting in the energy of
the laser photons being shifted. (Figure 3b) The variation in vibrational modes in the
compound creates the bands present in the Raman spectrum and therefore the
molecular vibrational structure can be identified.15,16 Due to this, the Raman signal
intensities of the bands are directly proportional to the concentration of the analyte. In
addition, since Raman peaks are generally narrow, Raman can be used for multiplex
detection of samples.
Overall, Raman spectroscopy is based on the inelastic scattering of incident
radiation through its interaction with vibrating molecules, therefore, it probes the
molecular vibrations and can give a molecular fingerprint of the molecule in the sample.

3.2 Raman for Drug Analysis
Raman spectroscopy has been established as a rapid, non-destructive, and
sensitive technique. Even though Raman spectroscopy is not widely used in crime
laboratories, it is a technique capable for forensic analysis. Raman spectroscopy can be
used to analyze solids and liquids rapidly through transparent material while maintaining
the integrity of forensic samples.17 In addition, Raman spectroscopy has shown to be
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capable of differentiating between multiple adulterants and common cutting agents to
identify the controlled substance.
Carter et al.17 has demonstrated differentiation of cocaine freebase from cocaine
HCl through Raman spectrum without any sample preparation and within a sealed
evidence container. Due to significant distinguishing features of the resulting spectra, it
was clear the appearance or disappearance of specific bands and the prominent verses
less prominent bands indicated structural difference between the samples. This also
allowed noticeable differences between common cutting agents such as lidocaine and
benzocaine within samples.17 Penido et al.18 also showed similar results as well as
common cutting agents such as, caffeine, benzocaine, sodium carbonate, and aluminum
sulfate being differentiated.18 In addition to drug samples in bags or bottles, Moreno et
al.19 have evaluated possibilities of the detection of drug particles collected using
adhesive tapes (fingerprint lifting tape, green and white packing tape). Thirty drugs of
abuse, degradation products, metabolites, and common cutting agents were analyzed
utilizing the tapes. Small particles within the textile fibers and cutting agents could be
identified as controlled substances, but the spectra indicated there is slightly interfered
due to the fibers.19 Quantification of controlled substances is not required for most
judicial systems but is helpful for public health, to be informed of the drugs and
adulterants being used. Katainen et al.20 used two methods to quantify amphetamine in
street samples. The first was utilizing relative peak heights of characteristic bands of the
amphetamine and an internal standard while the second method used multivariate
calibration by partial least squares (PLS).20 Amphetamine was dissolved into the internal
standard solution with acid to aid in dissolving the sample. The peak height results and
multivariate analysis indicated comparable amounts of amphetamine in each sample to
liquid chromatography methods. The PLS considers the whole spectrum thus
adulterants and other impurities can affect the results. Standards are pure and therefore
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are significantly different than the street samples when considering the PLS score plot,
but when taking out the outliers, it greatly improves the predictability of the PLS model. 20
An advantage of Raman spectroscopy to other analytical technique is the ability
to analyze samples in water without interference. The weak Raman scattering of water
makes it an ideal solvent to analyze other Raman active species. 14,20,21 However, a
limitation of Raman has been sensitivity due to small cross-sections of materials causing
difficulties analyzing at low concentration.22 Wang et al.23 has demonstrated Raman’s
limitation with analyzing in solution due to low concentration through aspirin samples.
Stock aspirin was used to make a 1 x 10 -4 M solution in chloroform and the resulting
spectrum was compared with the solid aspirin spectrum. There were no distinct bands
that resulted from the solution while the solid had multiple bands capable for
identification.23 Low sensitivity due to fluorescence is another problem associated with
this technique. As illustrated by Moreno et al.19 above the textiles fibers and cutting
agents slightly interfered, but also high fluorescence producing molecules can block the
characteristic bands from appearing since it is much more intense than Raman
scattering.22
The intensity of Raman spectra depends on the molecular and physical
properties as described above, but also on the analysis conditions. Molecules can be
classified as strong or weak Raman scatterers depending on the molecular structure and
the polarizability. However, experimental parameters influence the intensity of the
resulting bands (laser power, wavelength, accumulation time, exposure time, and
orientation of sample).24 It is vital to consider the analysis parameters when comparing
literature reports to new experimental data.
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4. Surface Enhanced Raman Spectroscopy
Surface enhanced Raman spectroscopy (SERS) has been beneficial to
improving the shortcomings of normal Raman spectroscopy. SERS has grown in
popularity due to the low detection limits that SERS allows and the molecular specificity
and multiplex detection capabilities of normal Raman spectroscopy. SERS utilizes a
metal substrate exposed to electromagnetic radiation to excite surface plasmon
resonance (SPR) leading to a concentrated electromagnetic field on the surface of the
substrate causing an enhanced Raman signal.15,25–27

4.1 Working Principle
SERS produces an enhancement of Raman scattering by modifying the surfaces
with which analytes interact. The overall enhancement is due to two factors:
electromagnetic enhancement and chemical enhancement. Electromagnetic
enhancement is mainly due to plasmon excitation of metal nanostructures, and chemical
enhancement originates from chemical interactions and charge transferring between the
metal and analyte.27

4.1.1 Electromagnetic Enhancement
Electromagnetic enhancement is the main enhancement mechanism of this
technique. The enhancement is due to local surface plasmon resonance (LSPR). This is
when there is a concentrated local electric field near the surface of the metal which
creates what is called ‘hot spots’ in the gaps between metal surfaces. When each metal
nanostructure is irradiated by electromagnetic radiation, the conductive electron ‘cloud’
delocalizes into collective oscillations. This oscillation creates the electromagnetic fields
around each metal nanostructure.25–27 Figure 4 demonstrates the LSPR effect where
electrons are oscillating to generate the localized electric field. If the frequency of the
incident radiation is resonant with the electron oscillation, the excitation process is
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referred to as surface plasmon resonance (SPR).25 The SPR can be propagated as a
longitudinal wave at large metal surfaces or remain localized on places such as tips,
edges, or crevices between the metal surfaces. 25

Figure 4: Schematic of LSPR effect.
Molecules are able to adsorb inside and outside of the ‘hot spots’ producing
different Raman intensities. When two nanoparticles are close to each other (within 1-5
nm in distance), strong electromagnetic coupling takes place which greatly enhances the
intensity of the electric field within the gaps.25,27 The strongly enhanced electric field
produced, increases the density of states of photons on the surface which increases the
radiation rate of the scattering process and enhances the Raman scattering. 27 A
molecule attached or near the surface experiences the incident radiation but also the
vector component from the enhanced local electric field.

4.1.2 Chemical Enhancement
Chemical enhancement refers to the complexation of an analyte to a metal
surface and to electrostatic bridges forming between analyte and metal surface. A
molecule can form a complex with the surface of a nanoparticle by the metal covalently
bonding to lone pair electrons available on the analyte. Groups such as thiol, pyridyl,
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amine, nitrile, and carboxyl groups typically will easily bind to metal surfaces due to nonbonding electrons available. The binding causes a charge transfer between the metal
and the molecule, as well as changes in the Raman polarizability, spatial orientation, and
symmetry of the adsorbed molecule compared to the free state molecule. This results in
changes to certain vibrational modes, causing changes in the resulting Raman
spectrum. 25,27 In addition to complexation, electrostatic bridges can form between the
analyte and nanoparticle surface. Nanoparticles typically are negatively charged after
synthesis and can allow for electrostatic interactions to occur. This allows enhanced
binding of analytes to the surface and for the analyte to experience the electrostatic field
in the ‘hot spots’ as well as the incident radiation. In addition, specific analytes can be
made positively charged to force binding and enhancement. Chemical enhancement
typically has a smaller contribution to the enhancement factor, but it is important to note
the effect of the peak positions and intensities when analyzing spectra. 26,27

4.2 Factors Influencing SERS Enhancement
Factors that can affect SERS enhancement generally include the analyte of
interest, the SERS substrate and instrument parameters. The analyte specifically will
affect the enhancement due to the intrinsic properties (Raman cross-sections),
adsorption properties, and the species in solution.15 The SERS substrate influences the
enhancement the most due to the uniformity of substrate, stability of colloidal
solutions/substrates, selection of material for substrate, stability of solid substrates, shelf
life, and substrate-molecule interactions.25 Intensity increases may vary between
substrates and molecules. With different substrates used, variations in LSPR intensity
will occur causing possible lower reproducibility of enhancement. Parameters to control
the LSPR are important and can be changed to optimize enhancement. By controlling
properties such as material, size, geometry, and surrounding environment of the
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nanostructure, reproducibility can be improved.27 In addition, instrumental conditions
influence the final signal intensity. Optimizing the exposure time, accumulation number,
laser wavelength, and others will affect enhancement.

The analytical enhancement factor (AEF) is a common way to illustrate how well
the signal was enhanced from SERS measurements compared to normal Raman
measurements. Average SERS enhancement factors can be as low as 10 1 - 103 for nonoptimized conditions and typical values are 105 – 106 and larger values have been
reported.15 AEF should not be used as an absolute comparison for the performance of
different nanosubstrates because it is dependent on adsorption properties and surface
coverage of analyte. Critical evaluation of SERS enhancement for different substrates
needs to be considered and four main points be considered. Pérez-Jiménez et al.25
states, (1) evaluating AEF should be done under the same conditions, (2) the analyte
should have no resonance Raman effect under the applied laser wavelength, (3) the
AEF may vary when different substrates are used, and (4) the lowest detectable
concentration of the analyte is more meaningful than the AEF for practical application. 25
Overall, the AEF may not be a good characterization of the SERS substrate itself but it is
useful to illustrate the enhancement of Raman measurements overall and was one focus
in this work.

4.3 Nanoparticle Aggregation
For SERS enhancement to be at its greatest, it is beneficial for nanoparticles to
be in close proximity to each other to allow for ‘hot spots’ to be made. It is difficult to
control where a ‘hot spot’ is made, because there is no real control on how to predetermine a location or how well it will enhance a given molecule. 15 Many nanoparticle
syntheses produce a stabilized negatively charged nanoparticle due to stabilizing agents
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in the synthesis process.28–30 For the detection of analytes via SERS enhancement, the
nanoparticles need to be destabilized to create the electromagnetic ‘hot spots’. Typically,
an aggregating agent is used. The exact mechanism for how the destabilization works in
unknown. One theory is the anion of the aggregating agent can displace the negatively
charged stabilizing agent from the synthesis method. There would be a reduction in the
repulsion between nanoparticles which allows the nanoparticles to aggregate. 15,28,29
Studies have indicated nanoparticle aggregation induced by a salt addition enables the
electromagnetic coupling within nanoparticles that creates the ‘hots spots’ exhibiting
higher SERS enhancement than individual nanoparticles. 28,31 Hildebrandt et al.30 studied
rhodamine (R6G) adsorbed to colloidal silver nanoparticles with different aggregating
agents. It was determined the resulting SERS signal is proportional to the ratio of anion
to Ag reaching a saturation limit of 1:1 molar units. Since the ratio is associated with the
anion and not dependent on the analyte of interest, this allows possible parameter
control (of the nanoparticle solution conditions) for the enhancement. Within the study,
the Br- anion showed the highest intensity ratio and a higher particle density to silver
spheres allowing higher enhancement. KBr salt was therefore used in this work as the
aggregating agent to ensure high enhancement. 30

4.4 SERS for Drug Detection
Along with the benefits of Raman spectroscopy, SERS efficiency has attracted
interest in many fields of study. Specifically in drug identification, nanoparticles have
been utilized on solid substrates, impregnated into materials, and as colloidal solutions.
Wang et al.32 examined six analogues of fentanyl commonly reported in forensic
casework with gold/silver nanospheres and nanostars colloidal solutions. The results
demonstrated that normal Raman can be used in identifying crystalline analogues, but
SERS can detect lower concentrations in solution. Principal component analysis (PCA)
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was employed on the SERS samples individually to show the potential capabilities to
distinguish analogues from other common seized drugs of abuse.32 Sägmüller et al.33
combined high performance liquid chromatography (HPLC) and SERS for detection and
identification of cocaine, heroin, and amphetamine. Using an acetonitrile-free eluent,
individual elements were separated into a microtiter plate with stabilized silver halide
dispersion. Spectra were recorded for each sample and compared to a reference
spectrum. The limit of detection was as low as 1 µg of analyte per one well of the
microtiter plate (10 ppm).33 The chromatographic separation component of mixtures is
highly beneficial and is similar to the typical methods used in crime laboratories (GCMS)
but does not allow for quick detection as Raman spectroscopy allows. Through the
different techniques it is noted there are benefits and tradeoffs to each technique used.
Yu et al.34 demonstrated a paper-based substrate using gold colloids inkjet printed onto
a paper surface swab. The analytes can be collected onto the swab by capillary-action
and results demonstrated detection limits as low as 95 fg of rhodamine 6G (typical
SERS probe), 15 ng of cocaine, and 9 ng of heroin.34 The ease of a swab is beneficial
for practical application and low levels of detection is demonstrated. Haddad et al.35
demonstrated a paper-based substrate impregnated with silver nanoparticles for the
detection of trace quantities of fentanyl alone and as an adulterant in heroin. The drug of
abuse was swabbed by the silver paper and was detected down to 100 ng/mL. Within
the mixtures, the ratio of heroin to fentanyl was varied and the LOD for fentanyl in a
heroin mixture was detected at 100 ng of fentanyl per 10 µg total mixture (1%). 35
The work stated here was mostly single analyte detection and did not include
much detection and distinguishing analytes within mixtures. Differentiating between
analytes has been accomplished and typically utilized PCA or PLS chemometric analysis
techniques which is much more complex than single peak identification. Further
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capabilities to detect controlled substances within ‘street samples’ will be beneficial for
future application in crime laboratories.

5. Handheld Devices
Fast detection of illicit substances is becoming more essential for the safety of
first responders, customs officers, and drug analysis scientists as they encounter
unknown materials. Handheld or portable Raman devices have been the solution since
they are quick, durable, easy to use, and require no contact to the substance to be
tested. Most controlled substances are Raman active and strong Raman scatterers;
therefore, they provide characteristic information even on devices that aren’t as sensitive
as a benchtop instrument.36 Field capable instruments for the evaluation of controlled
substances have been of interest in the last decade due to the easy-to-use and quick
detection capabilities of the instrument and its integrated digital spectral library. This is
beneficial for the safety of the user when dealing with hazardous compounds such as
controlled substances. However, Weyermann et al.36 have shown that handheld
instruments are more suited for large quantities of substances than for the detection of
trace quantities. The LOD produced from the handheld instrument used was around 5
mg/mL for cocaine, heroin, and acetaminophen.36 Within this study there were
difficulties in differentiation and only a few characteristic bands could be used which
limits possibility for identification. More testing would need to be done to confirm the
identity, but portable Raman spectroscopy is a great alternative for quick analysis of
unknown samples.36 Detection of controlled substances through different containers was
of interest since ‘street samples’ vary in container types. It was determined the color,
thickness, and type of container has an impact on the detection of illicit drugs, the
intensity of the detected signal decreases as a function of the thickness of the container
(thicker containers caused lower intensity), but detection is still possible. 36,37 Kranenburg
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et al.38 evaluated the performance of commercial handheld devices by detecting cocaine
binary mixtures and comparing retrospectively to case samples from 2015 to 2020
analyzed by GCMS. The limit of detection was dependent on the sample composition
and varied by 10 wt% and 40 wt% cocaine. The work also showed high selectivity by
being able to differentiate between cocaine base and cocaine HCl, further improving the
application for rapid analysis of drug abuse.38
Overall, handheld devices have demonstrated efficiency to identify pure
substances, easy implementation, with no sample preparation, and contact-less analysis
avoiding chances of exposure. This contact-less and reproducible technique will be
beneficial to all who are encountering unknown substances.

6. Approach for this Work
In this work, four cutting agents, sucrose, caffeine, acetaminophen, and quinine
sulfate dihydrate, were examined to investigate Raman spectroscopy and Surface
enhanced Raman spectroscopy (SERS) detection capabilities. To do so, each cutting
agent were examined in an aqueous solution to determine the limit of detection. Then
utilizing silver nanoparticles (AgNPs), SERS detection capabilities were shown to
improve detection limits of the common cutting agents. In order to do so, AgNPs were
synthesized with modified Creighton 31 and Lee- Meisel39 methods, filtered with the
Tangential flow filtration process (TFF), and the resulting AgNPs were characterized with
UV-Vis absorption spectroscopy, Raman spectroscopy, and inductively coupled plasma
optical emission spectroscopy (ICP-OES). In addition to demonstrating the enhancement
from SERS, some of the variables of SERS detection were discussed such as size,
concentration, pH of solutions, and synthesis methods. The other goal focuses on
evaluating spectra of solid cutting agents, aqueous solutions, and solid obtained using a
bench top Raman and a handheld Raman spectrometer.
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Experimental Methods
1. Instrument
A benchtop Raman system, LabRam HR 800 (Horiba Jobin Yvon Inc.), equipped
with a confocal Olympus BX41 microscope (10x, 50x, and 100x) was used for spectral
analysis. A 632.8 nm He-Ne laser set to an output of 15 mW was employed for sample
excitation and the backscattered signal was detected with an open electrode thermoelectric cooled Charged Coupled Device (CCD) detector (-69°C, 1024 x 256 pixels). The
acquisition parameters included a holographic grating of 600 grooves/mm and a
confocal hole of 300 μm. The Raman spectra were collected using the LabSpec v.5
software and were processed in Origin 8 software.

1.1 Calibration
A silicon dioxide sample on a glass microscope slide was used for the calibration
of the Raman system under the conditions described above. The spectrometer was set
at 521 cm-1 and the averaged (N=5) signal was acquired using an exposure time of 1
second.

2. Materials
The substances used as adulterants/cutting agents in this experiment as solids
or dissolved into deionized water (resistivity > 18 MΩcm) were sucrose (ultrapure, Alfa
Aesar, CAS #: 57-50-1), caffeine (99%, Alfa Aesar, CAS #: 58-08-2), acetaminophen
powder USP (98-102%, Spectrum, CAS #: 103-90-2), quinine sulfate dihydrate (99%,
Sigma Aldrich, CAS #: 6119-70-6). Silver nitrate (>99%, Acros Organics, CAS #: 7761-
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88-8), sodium borohydride (99%, Acros Organics, CAS #: 16940-66-2), and
sodium citrate dihydrate (Fisher Scientific CAS#: 6132-04-3) were used for silver
nanoparticles synthesis. Potassium bromide (99+%, KBr, Sigma Aldrich, CAS #: 775802-3) was later used for the SERS experiments. Methanol (Sigma Aldrich, CAS #: 67-561), ethanol (Sigma Aldrich, CAS #: 64-17-5), nitric acid (Fisher Scientific, CAS #: 769737-2), and hydrochloric acid (Fisher Scientific, CAS #: 7647-01-0) were used for
cleaning. For the ICP standards and samples, ICP-OES trace metal graded silver
standard in 2% nitric acid (SPEX CertiPrep, CAS #: 7440-22-4, CAS #: 7697-37-2) and
2% trace metal grade nitric acid (Fischer Scientific, CAS #: 7697-37-2).

3. Solution Samples
3.1 Sample Preparation
The initial solutions of the cutting agents were prepared in 10-mL volumetric
flasks. Using the solubility of each cutting agent in water, solutions were prepared that
were within a certain calculated percent of the solubility. The concentration of sucrose
was 25% of its solubility in the initial solution, whereas the caffeine, acetaminophen, and
quinine sulfate dihydrate concentrations were 80%, 86%, and 80% of the respective
solubilities. The respective amounts were weighed out using a weigh boat and added to
the 10-mL volumetric flasks and diluted using deionized water. Once the solutions were
made, they were stored in 15-mL test tubes with foil around the acetaminophen and
quinine sulfate samples since they are light sensitive. For each solution, serial dilution of
one order of magnitude was conducted for each analysis.
Solubility limits in water: Sucrose: 1g/0.5ml
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, Caffeine: 1 g/46ml 40, Acetaminophen:

0.014 g/ml 41, and the Quinine sulfate dihydrate: 0.0005 g/ml

41

.

3.2 Sample Analysis
For each Raman analyzed of the solutions, the sample was pipetted into a quartz
cuvette. The cuvette was washed with deionized water, ethanol, and methanol following
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each sample to ensure no carry over. The instrument parameters used for analyses
were as follows: For sucrose, a 1 sec exposure time was used, accumulation number
10 (number of scans), the extended range was 100-2000 cm-1, the 50x or 100x (only for
the 2 M solution) microscope objective used, and no filters were implemented. For
caffeine, acetaminophen (APAP), quinine sulfate dihydrate (QS), exposure time 1 sec,
accumulation number 5, extended range 100-2000 cm-1, 50x microscope objective used,
and no filters implemented. For each sample 3 spots were measured and averaged for
data analysis.

4. Synthesis of Silver Nanoparticles
4.1 Sodium Borohydride Reduced
About 4 liters of size varied, spherical AgNPs were synthesized by a modified
Creighton method.31 The synthesis is a reduction of Ag+ → Ag0 in cold NaBH4 solution. A
2.0 mM solution of NaBH4 was prepared in 900 mL of cold deionized water and a 1mM
solution of AgNO3 was prepared in 300 mL of cold deionized water. Burettes were
primed with AgNO3 then 25 mL aliquots of the AgNO3 solution were added to each. Six
Erlenmeyer flasks were prepared with 150 mL aliquots of NaBH 4 and stirred for 15
minutes. The AgNO3 was added dropwise to the NaBH4 solution, at a rate of 1 drop per
second. The addition took about 40 minutes under constant stirring by an additional 20
minutes of stirring in an ice bath. Colloidal AgNPs appeared yellow in color when the
synthesis was complete, and the solutions were stored at 4C for later use.

4.2 Citrate Reduced
Citrate reduced AgNPs were synthesized through a modified Lee- Meisel
method.39 First 1.7 mL of 1% AgNO3 solution was added to 100 mL of deionized water
and heated to 90°C while stirring vigorously with a stir bar. Once 15 minutes had past, 2
mL of a 1% sodium citrate dihydrate solution was added to the reaction. Heating and
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stirring was continued for 1 hr. The final colloid AgNPs appeared as a dark brown color
and was stored at 4°C. This process was performed by a colleague, Praveen Alla
Kumar.

5. Tangential Flow Filtration (TFF)
The synthesized AgNPs were pumped across a hollow fiber membrane filter
(Spectrum Labs Inc.) that is of specific size. First a 500kD filter was used and as the
nanoparticles are pumped through, any particles that are smaller than 500kD in diameter
pass through the pores with the solvent and are collected as the “filtrate”, while larger
particles are swept along the membrane and collected as the “retentate”. Once this
process concludes, a 100 or 10kD filter is used. The filtrate from the 500kD filter is
pumped through the apparatus. The filtrate is now any nanoparticles that are smaller
than 100 or 10kD and the retentate are nanoparticles larger than 100 or 10kD. A
schematic of the hollow fiber membrane filter is in Appendix A. The retentate is desired
for use in experiments and used for characterization. This process allows for means of
controlling the size distribution, concentration, and purity of the heterogeneous AgNP
colloid. Controlling these parameters without aggregation are vitally important for the
implementation of AgNPs in experiments and to ensure the beneficial nanoscale
properties.42 The filter membranes were cleaned before and after each filtration process
with 1L deionized water, 500 mL of a dilute solution of nitric acid (10% v/v), and a
second 1L deionized water wash to remove possible chemisorbed AgNPs in the filter or
tubing. Image of TFF set up is in Appendix A.

6. AgNPs Characterization
6.1 UV-Vis Spectroscopy Characterization
The Cary 50 Bio UV-Visible Spectrophotometer (Varian, Inc.) instrument was
zeroed with a deionized water blank. Absorbance values were measured between 200-
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800nm. The scan rate was 4,800 nm min-1. The silver nanoparticle (AgNP) sample was
analyzed without any dilution in a 1 cm path length cuvette. If the absorbance value was
above 1.00, a dilution was performed, (typically a 1:10 dilution factor). If the absorbance
max corresponding wavelength was around 395-405 nm, this indicated spherical and
unaggregated AgNPs were present within the colloid.

6.2 Inductively Couples Plasma Optical Emission Spectroscopy (ICP-OES)
ICP-OES analysis was performed on a Varian 710-ES system (Agilent
Technologies) to quantify the amount of silver in the colloid sample. This analysis was
conducted following specific operating conditions. Conditions were as follows;
wavelengths- 328.068 nm for silver, plasma flow of 15.0 L min-1, auxiliary flow of 1.50 L
min-1, radio frequency power of 1.20 kW, and nebulizer pressure of 200 kPa. Each
sample was measured in triplicate employing a replicate acquisition time of 15 sec, an
internal stabilization time of 40 sec, and an uptake delay time of 45 sec. Samples were
measured in triplicate and averaged before concentration interpolation.

6.2.1 ICP-OES Standards Preparation
An ICP-OES trace metal graded silver standard (SPEX CertiPrep) with a
concentration of 1000 g mL-1 (ppm), was used to prepare 10 Ag+ standards of 0,10,
50,100, 200, 300, 400, 500, 600, 700 g L-1 (ppb). The standards where prepared in 2%
trace metal nitric acid in 50 mL volumetric flasks.

6.2.2 ICP-OES Sample Preparation
AgNP samples were prepared by chemical digestion of a small amount of 70%
HNO3, followed by dilution to 10 mL in trace metal 2% HNO3. The first part termed “cold
digestion” consisted of putting 10 L of the AgNPs sample into 5 mL of the HNO3 for 15
minutes. Then the solution was evaporated off on a hot plate for about an hour or until
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the solution had evaporated down to a significantly less volume. Once cooled, the
sample was quantitatively rinsed into a 10-mL volumetric flask with trace metal 2%
HNO3.

6.3 Raman Spectroscopy
A small aliquot of the AgNPs were used for Raman analysis. The aliquot was
diluted (typically 1:10) then pipetted into a quartz cuvette and placed under the
microscope lens. For the data collection parameters, the range was 100-4000 cm-1, with
a 50x microscope lens, with an exposure time of 3 seconds, accumulation number of 3,
and no filters implemented.

7. SERS Samples
Stock solutions of each cutting agent were prepared in deionized H 2O and serial
dilution was implemented for the use of lower concentrations. The SERS samples were
prepared in a new test tube by mixing 2 mL of AgNPs, 1.4 mL deionized water, and 400
µL of stock solution (varying concentration). Samples were allowed to stand for 10
minutes. Then 200 µL of 1.0 M KBr was added to induce the formation of AgNP ‘hotspots’ which increases spectral reproducibility.30 The sample was allowed to incubate for
20 or 40 minutes (depending on results of time study) in a test tube before Raman
analysis in the cuvette. For each sample, 3 spots within the solution were measured and
averaged for data analysis to minimize spectral variations.
Extensive cleaning (methanol, ethanol, and deionized water washes) between
each sample was employed to remove all materials and to ensure no contamination.
Reagent blanks (solution of AgNPs, deionized water, and KBr) were also tested in
between each sample to ensure no contamination or cross over of the analytes of
interest were in the cuvette. If the blank did indicate cross over or contamination the
cuvette was placed in a base bath (ethanol and NaOH) for 10 minutes, then rinsed in a
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3:1 (v:v) ratio of concentrated HCl:HNO3 was placed in the cuvette for 15-30 minutes
followed by multiple deionized water rinses to ensure contamination was removed.
Instrument parameters include 50x microscope objective lens, 100-2000 cm-1
spectral range, exposure time of 10 sec, and accumulation number 5. In addition, for the
sample with the limit of detection concentration, data was also collected in the spectral
range of 100-4000 cm-1collected for other calculations.

8. Incubation Time
A time study was conducted using the citrate reduced AgNPs to determine the
optimal incubation time of the SERS samples. This was conducted by preparing the
SERS sample as described above then taking Raman measurements at 10-minute
increments after the addition of the KBr. To determine the optimal incubation time for
each cutting agent solution, the intensity and baseline of the resulting spectra were
considered. Appendix B further describes the results of the time study and Appendix C
are images of the precipitate that formed from the agglomeration of the AgNPs as time
passed.

9. Solid Samples
For preparation of the solid samples, a microscope slide and spatula were rinsed
with ethanol and allowed to dry. A small amount of the powder or crystalline material
was placed on the clean microscope slide. Once placed, it was moved under the
microscope and focused using the 10x then the 50x microscope lenses. Settings
included an extended range set to 100-4000 cm-1, an exposure time of 2 seconds, the
acquisition number set at 15, with no filters, 600 grooves/mm grating, and a 632.8 nm
He-Ne laser. Once the microscope was focused the laser was turned on, Raman
scattered photons were collected in a 180-degree backscattering geometry. For the
quinine sulfate dihydrate standard sample, the microscope lens was set to 100x and an
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exposure time of 0.5s during analysis to have improvements in the baseline. For each
sample 10 spots were measured and averaged for data analysis.

10. Mixtures
10.1 Sample Preparation
Mixture compositions were determined based on the ease of acquiring the
materials. In Table 1 lists the compositions used. To prepare the samples, the
respective masses were weighed out in weigh boats, using an analytical balance,
separately then added to a test tube. Once all components were added, the test tube
was agitated manually and then vortexed, this pattern of mixing was repeated three
times. The sample was then poured onto a new microscope slide and flattened for
analysis. (Figure 5)
Table 1: Cutting agent mixture ratios for analysis.

Mix
1
Mix
2
Mix
3
Mix
4
Mix
5
Mix
6

Ratios

Mass of substance

Caffeine:
Sucrose:
Acetaminophen:
Quinine sulfate
dihydrate

Quinine
Caffeine Sucrose Acetaminophen Sulfate
(mg)
(mg)
(mg)
Dihydrate
(mg)

Total
(mg)

1:1:1:1

200

200

200

200

800

5:10:1:0

500

1000

100

0

1600

0:1:1:1

0

200

200

200

600

0:1:1:0

0

500

500

0

1000

2:2:1:1

200

200

100

100

600

30:10:3:1

1500

500

150

50

2200
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Figure 5: Image of the solid mixture sample for Raman analysis.

10.2 Sample Analysis
Raman spectra of each mixture was measured similar to how each control
cutting agent was measured. Once placed, the sample was moved under the
microscope and focused using the 10x then the 50x microscope lenses. Parameters
included extended range set to 100 – 2000 cm-1 and 100 – 4000 cm-1, exposure time of
1 second, acquisition number set at 15, and no filters were used. Once the microscope
was focused the laser was turned on, and Raman scattered photons were collected in a
180-degree backscattering geometry. For each sample 10 spots were measured and
averaged for data analysis to minimize spectral variation.

11. Handheld Raman Instruments
11.1 Thermo Scientific Gemini
The Gemini by Thermo Fischer Scientific is a handheld device combination of
FTIR and Raman spectrometers. Specifically for the Raman spectrometer, the device is
equipped with a 785 nm excitation laser (75, 125, and 250 mW), has a 250 – 2875 cm-1
spectral range, utilizes a 2048 pixel CCD detector, and a 1200 groove/mm single pass
spectrometer. The device includes a wand and separate vial compartments built in for
Raman analysis.43

11.2 Rigaku Progeny ResQ
The Progeny ResQ by Rigaku is a handheld Raman spectrometer device. The
device is equipped with a 1064 nm excitation laser (30 - 490 mW), has a 200 to 2500
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cm-1 spectral range, and a 512-pixel TE cooled InGaAs detector. This device is a ‘point
and shoot’ device but also has an adaptor for vials.44

11.3 Sample Preparation and Analysis
Using a disposable scoopula, a portion of the mixture used in the bench top
analysis was put into a borosilicate glass vials for the handheld instrument. The bottle
was labeled and agitated to obtain an as homogenous mixture as possible. The sample
bottle was placed into the designated spot in the instrument and series of start
commands were initiated for analysis. Each sample was measured in triplicate and in
between each run the sample was shook and turned to obtain an accurate
representation of the whole sample. The program in the instrument produced spectra
and a list of possible identities of the sample based on its internal library. The spectral
data files were also analyzed using the Origin 8 software to identify exact band peaks
that appeared. Three runs per sample were measured and averaged for data analysis to
minimize spectral variation.
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Results and Discussion
In this study, four adulterants/dilutants also known as ‘cutting agents’ were
examined in solid form, in aqueous solutions and in solutions with colloidal silver
nanoparticles (AgNPs). The purpose of this work was to investigate Raman
spectroscopy and SERS detection capabilities. These results are divided into two main
goals with specific aims for goal one. Goal 1 focuses on the limit of detection for each
cutting agent in solution and to see how SERS could improve detection. The two specific
aims of this goal are to demonstrate the synthesis, filtration, and characterization of
AgNPs that are used in the experiments, and to discuss some of the variables that affect
SERS measurements. The second goal focuses on evaluating the spectra of the solid
cutting agents and aqueous solutions when comparing the bench top results to the
handheld Raman spectrometer results. This was also completed with mixtures of the
cutting agents in solid form.

1. Aqueous Solution
Sucrose, caffeine, acetaminophen, and quinine sulfate dihydrate, were dissolved
in deionized water to make a 2.0 M, 0.089 M, 0.080 M, and 5.1 x 10 -4 M aqueous
solutions, respectively. The aqueous environment was chosen to easily compare the
results to SERS results since the colloidal solution is also in water. Due to water being a
low Raman scattering material it is an ideal solvent to dissolve and test each cutting
agent in.45 Each cutting agent solution was individually measured, to determine the
characteristic bands and the approximate detection limit. Figure 6 shows the Raman
spectrum of each cutting agent at the largest concentration used in the aqueous
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solutions. The characteristic wavenumbers are labeled within each spectrum and will be
used for identification at lower concentrations. The characteristic bands act as a
molecular ‘fingerprint’ for the analyte structure. The bands can be used for comparison
since each spectrum is unique to the structure.

(a)

(c)

(b)

(d)

Figure 6: Average Raman spectrum (range 100-2000 cm-1) of each cutting agent at the
largest aqueous solution concentration (n=3), (a) 2 M aqueous sucrose solution, (b)
0.089 M aqueous caffeine solution, (c) 0.08 M aqueous acetaminophen (APAP) solution,
and (d) 5.10 x 10-4 M aqueous quinine sulfate dihydrate solution.
Once the characteristic bands were detected and confirmed with literature
sources, they were used for detection in aqueous solutions at lower concentrations.
Using serial dilution, lower concentration solutions were examined. Each individual
spectrum can be found in Appendix D Figure 2-5. Figure 7 depicts spectral
comparisons of the cutting agent solutions at several concentrations. As expected, the
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signal intensity and resolution of peaks decrease as the concentration decreased. The
lowest concentrations that were examined tend to resemble the control deionized water
spectrum as shown in Appendix D since the intensity of a band is proportional to the
concentration of the molecule from which the band arises.

By analyzing each cutting agent spectra at decreasing concentration, an
approximate limit of detection could be determined. For the sucrose solutions (Figure
7a), in 0.2 M solution (red) characteristic bands still can be seen and used for
identification while the 0.02 M solution (blue) displayed some very broad bands that
could not be used to characterize or identify the material. The caffeine aqueous solution
(Figure 7b) displayed distinct bands at the largest concentration and easily in the tenfold dilution as well. At a concentration of 0.0089 M (red) characteristic bands were still
well resolved and then at the next lower dilution at 0.00089 M (blue), little to no
characteristic bands were observed. As for the acetaminophen solution (Figure 7c) the
0.08 M solution (black) displayed well resolved characteristic bands, however the 0.008
M solution (red), did not display well resolved bands possible for identification. This was
the main difference between each cutting agent detection capabilities in solution. Finally,
the quinine sulfate dihydrate solution (Figure 7d) was measured and demonstrated to
be detected at lower concentrations than the other cutting agents. This may be due to
the Raman scattering cross sections of quinine. Detection and resolution of the
characteristic peaks was consistent from the 5.1 x 10 -4 M (black) to 5.1 x 10-6 M (blue)
aqueous solutions and peaks barely above the noise level could be seen in the spectrum
for the 5.1 x 10-7 M solution (green). Therefore, visually, the limit of detection for sucrose,
caffeine, acetaminophen, and quinine sulfate dihydrate in deionized water is around 0.2
M, 0.0089 M, 0.08 M, and 5.1 x 10 -6 M, respectively.
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Figure 7: Average Raman spectra of each aqueous solution cutting agent at decreasing
concentrations from serial dilutions. (n=3) For illustrative purposes the baseline was
shifted. (a) sucrose, (b) caffeine, (c) acetaminophen (APAP) (d) quinine sulfate
dihydrate.
Visual limit of detection for Raman spectrum can be accurate for determining if a
substance could be identified with multiple peaks but a statistical limit of detection can
be determined based on a specific characteristic band peak area. Picking a specific
characteristic band that appears in each dilution spectrum allows for a calibration curve
to be made for the peak area and concentration. Characteristic bands chosen for
sucrose, caffeine, acetaminophen, and quinine solutions were 1086 cm -1, 1337 cm-1,
1175 cm-1, and 1235 cm-1, respectively. From the calibration curve, the minimal signal
detection and the minimum detection concentration was calculated. Figure 8 depicts
each calibration curve and the corresponding linear trendline used for the calculation.
The lowest concentrated sample was used as the blank since it resembled the water
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spectrum. Baseline correction was used with 20 user defined anchor points and Bspline
interpolation method in the Origin 8 software. From the calculations the statistical limit of
detection for sucrose, caffeine, acetaminophen, and quinine solutions were 0.02 M,
0.002 M, 0.008 M, and 1.7 x 10-4 M, respectively. Each calculated LOD seems to relate
well to the spectra when consider the singular peak except for the quinine solution. This
may be due to one of the samples had an extremely low peak area in comparison to the
other samples causing a large standard deviation.

(a)

(c)

(b)

(d)

Figure 8: Calibration curves for limit of detection calculations (a)sucrose solution, (b)
caffeine solution, (c) acetaminophen solution, (d) quinine sulfate dihydrate solution.
Overall, Raman spectroscopy does perform at low concentration, however it still
has difficulties. It has been noted that since the cross-section for Raman scattering are
quite low, 10-29 cm2 per molecule, there is a low efficiency of scattering, which is not
preferred for sensitive analytical techniques. Therefore, conventional Raman spectra are
only taken for samples with a concentration greater than 0.01M. 22 In order to use Raman
spectroscopy for detection of typical drug samples at lower concentrations, surface

36

enhanced Raman spectroscopy (SERS) can be implemented for improvement in signal
levels.

2. Surface Enhanced Raman Spectroscopy (SERS) Characterization
As explained earlier, SERS can be used to enhance signal detection for samples
at low concentrations because of its use of local surface plasmon resonances (LSPR)
that are produced by metal nanoparticles. A signal can be enhanced by several orders of
magnitude due to the creation of ‘hot spots’ in between each nanoparticle. In this work,
silver nanoparticles (AgNPs) were synthesized, filtered, and characterized to then be
used for the detection of common cutting agents in an aqueous solution. In the following
section, a description of how the AgNPs where synthesized, filtered, concentrated, and
characterized is given.

2.1 Concentration and Size-Distribution of AgNPs
Controlling the AgNPs concentration and size is especially important for
implementing AgNPs and reproducibility. In addition to ensuring aggregation of the
AgNPs does not occur because many of the nanoscale properties can be lost. Sodium
borohydride reduced AgNPs and trisodium citrate reduced AgNPs were concentrated,
and size selected using tangential flow filtration (TFF). TFF is a recirculation instrument
where a solution, suspension, or colloid can be continuously passed through a porous
membrane filter that is size dependent. The pressure created forces the liquid material
through the pores. The molecules or particles smaller than the size of the pores are
collected as the ‘filtrate’ anything larger is retained and is called the ‘retentate’. (Figure
9a) Overall, the TFF procedure provides a means of controlling the size, purity, and
concentration of the material being filtered (i.e the AgNP colloidal solution). Visually the
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concentration change can be seen in Figure 9b and through other characterization
techniques.

(b)

(a)

Figure 9: (a) Flow chart of the typical Tangential Flow Filtration process 42,46 (b) Example
of TFF resulting colloid solutions of the Creighton synthesized AgNPs. Left to right of the
image; Original AgNPs, 500 kD filtrate, 500 kD retentate, 100 kD filtrate, 100 kD
retentate.

2.2 UV-Vis Absorption Spectroscopy Analysis of AgNPs
The UV-Vis absorption spectra can also confirm that the TFF process increases
the concentration of the nanosilver in each step. Silver metal has special optical
properties due to the electron configuration lone s electron, [Kr]5s 14d10. When an electric
field at the frequency of the laser light is applied, the surface plasmons are polarized (i.e
the lone s electrons moves away from the nucleus in the direction of the electric field and
the surface will experience an electrostatic attractive force back towards the nucleus of
the atom). The accumulation of the oscillations of the electron cloud are defined as the
surface plasmon resonance (SPR). The SPR generates an absorption maximum at 400
nm and gives the yellow color of the colloid as seen in Figure 9b above. 46 Figure 10
demonstrates the resulting SPR and the single, symmetric peak centered around 400
nm indicated that spherical, unaggregated AgNPs are present in the colloidal
solution.42,47 It is well established that the number of the SPR decrease as the symmetry
and size distribution of the AgNPs increases therefore the SPR peak would broaden
significantly with aggregation of the AgNPs. Figure 10a displays the sodium borohydride
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reduced AgNPs, while Figure 10b shows the citrate reduced AgNPs. The sodium
borohydride reduced AgNPs resulting UV-Vis spectra depicts the changes in size of the
AgNPs as it went through the filtration process. The citrate reduced AgNPs were
synthesized and filtered by a colleague and not measured through each filtration process
but does indicate a resulting smaller size of AgNPs than the sodium borohydride. Since
the 10 kD filter was utilized at the end of the citrate reduced TFF process it results in a
smaller size nanoparticle in the filtrate collected than when the 100 kD filter is used.
Therefore, the resulting SPR peak (392 nm) for the citrate reduced AgNPs, is lower and
the sodium borohydride reduced AgNPs that utilized the 100 kD filter is larger (403 nm).
It is well known, and verified by this data, that as the AgNPs increase in size, the SPR
maximum is expected to shift to longer wavelengths.46

(a)

(b)

Figure 10: (a) Sodium borohydride reduced AgNPs UV-Vis absorption spectra for each
Tangential Flow Filtration filtrate and retentate. (b) Citrate reduced AgNPs UV-Vis
absorption spectra of 10kD retentate “Original Citrate AgNPs” and the diluted 10 kD
retentate colloid used for experiments.
In theory, the TFF process should result in AgNPs of 10-100 nm in diameter
depending on which filter size is used.42 Any deviations from this theoretical size are
either due to irregular shaped AgNPs that passed through the membrane pores,
membrane being ‘stretched’ or misshapen due to repeated use, or membrane pore
blockage due to adsorption of AgNPs or contaminants onto the filter itself. 48 Old or over
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used membranes is thought to be the reason for lower concentration of AgNPs in the
sodium borohydride reduced AgNPs as will be seen in the next section.

2.3 Inductively Coupled- Optical Emission Spectroscopy (ICP-OES)
ICP-OES was used to quantify the amount of silver in the colloid solutions. A
linear calibration curve was constructed from 6 silver standards (0, 25, 50, 100, 200, and
300 μg L-1) and 8 silver standards (0, 50, 100, 200, 300, 400, 500, 600, 700 μg L-1)
prepared in 2% nitric acid (Figure 11). The correlation coefficient of the calibration curve
(R2 = 0.999) validated the curve linearity. Two curves were produced since the AgNPs
were synthesized and characterized at different times. In addition, the expected
concentrations were not obtained with the sodium borohydride reduced AgNPs,
therefore the lower standards were used.

(a)

(b)

Figure 11: ICP-OES Calibration curve (a) prepared with six silver standards for smaller
concentrations measurements (sodium borohydride reduced AgNPs) (b) prepared with
eight silver standards for the larger concentration measurements (citrate reduced
AgNPs).
The concentration of silver was interpolated from the linear ICP-OES calibration curve.
Table 2 lists the silver concentration that were obtained from the sodium borohydride
reduced and citrate reduced colloidal samples used in the experiments.
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Table 2: Interpolated silver concentration in colloidal solutions.
Sodium
Citrate Reduced
Borohydride
AgNPs
Reduced AgNPs
Silver Concentration
36 ± 2 (n=3)
1554 ± 5 (n=3)

Diluted Citrate
Reduced AgNPs

(μg mL-1)

647 ± 2 (n=3)

Through this experiment, the citrate reduced AgNPs were synthesized and
filtered by a colleague earlier in the process with newer filters and a smaller 10 kD final
filter. This resulted in a highly concentrated colloid solution of 1554 μg mL-1. However,
the filters had later been used multiple times therefore when the sodium borohydride
reduced AgNPs were filtered the results were not as intended. 48 The resulting
concentration of the 100 kD retentate was only 36 μg mL-1. It is understood that a
comparison between these results is not ideal but does demonstrate how the
concentration and size of the AgNPs do impact SERS detection capabilities, which will
be explained later. A diluted citrate reduced colloidal solution was utilized during most of
the experiments due to limited materials. The resulting concentration of silver or AgNPs
was 647 μg mL-1.

2.4 Raman Spectroscopy Analysis of AgNPs
The Raman spectra confirmed the purity of the AgNP colloid solution used before
experiments were conducted. Figure 12 demonstrates the two types of AgNPs when
analyzed using the Raman instrument.
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(a)
(b)
Figure 12: Raman spectra of (a) sodium borohydride reduced AgNPs (b) citrate reduced
AgNPs.
For the sodium borohydride reduced AgNps (Figure 12a) only two Raman peaks
characteristic of water were observed. At the 1640 cm -1 is the bending vibrational mode
of H2O while the broad 3240-3420 cm-1 is the stretching vibrational mode. These
characteristic peaks and the absences of other peaks indicates the AgNP colloid solution
is free of organic contaminants. As for the citrate reduced AgNP colloid solution (Figure
12b) the 1640 cm-1 and broad 3240-3420 cm-1 peaks still indicate the water vibrational
modes. The other peaks may be due to some organic contaminants from the synthesis,
TFF process, or capping agent. These peaks where very small in comparison to
characteristic bands when compounds of interest were investigated. During data
analysis these peaks were also considered to ensure they were not interfering with
identification.

3. Surface Enhanced Raman Spectroscopy (SERS) Analysis of
Common Cutting Agents
The SERS signal using AgNPs for caffeine, acetaminophen and quinine sulfate
dihydrate has been previously shown in a number of ways. 23,49–55 Sucrose SERS results
were difficult to find in literature, but similarly structured carbohydrates spectra have
been reported.56 In this work, each cutting agent, at the limit of detection concentration
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that was determined in the aqueous solutions, were analyzed utilizing the AgNP colloidal
solution to enhance the signal and the detection capabilities.
Before, during, and after each sample analysis a blank sample was analyzed to
ensure the quality of results. The blank analysis followed the same procedure as the
samples and resulting bands were considered in data analysis at lower concentrations. If
cross over or contaminants were seen, the cleaning process was followed. (Figure 13)

Figure 13: Example of a blank spectrum from between samples. Blank consists of
AgNPs, deionized water, and KBr.
Using the citrate reduced AgNPs for each cutting agent solution, the resulting
spectra indicated an enhancement in the signal but also a shift in the characteristic band
positions. Figure 14a is the SERS spectrum of the 0.02 M sucrose solution, compared
to the normal Raman of the 0.02M sucrose aqueous solution. As mentioned earlier, the
concentration of sucrose in the SERS sample is 0.02M, which is the concentration at
which the Raman signal was indistinguishable from the noise in the non-SERS solution
(red line). While enhancement in the signal of the sucrose solution is displayed and
reassuring to SERS capabilities, this SERS spectrum is not what is typically expected
when SERS studies take place. Typically, a SERS spectrum would have significantly
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higher intensity values for each resulting band and more characteristic bands appearing.
However, this could be due to sucrose itself. Mrozek et al.56 has stated that with
saccharides, a lack of unsaturated moieties or atoms with lone pairs available for
bonding, limits the possible interactions between the molecules and the metal surface. 56
The resulting band shapes (many shoulders and small peaks) are similar to how other
saccharides have responded to SERS enhancement as explained in the literature.56
From this work, there were only a few SERS bands, 337, 422, 438, 560, 662, 637,
757,1362, 1444, and 1619 cm-1, that might correspond to the characteristic bands of
sucrose, 368, 415, 452, 466, 590, 639, 745, 1368, 1460, and 1624 cm -1 in aqueous
solution (Figure 14b). It is notable that many of the bands don’t match very well to the
aqueous solution, there are some correlations as listed above, but some bands are
missing or significantly shifted. Difficulties in obtaining intense SERS spectra for sucrose
could reflect the weak binding to the metal surfaces or another reason that is not clear.
Overall, sucrose did not perform well for SERS analysis and a reason is unclear for the
cause of inadequate resulting spectra comparatively to typical SERS analysis.

(a)
(b)
Figure 14: (a) Average normal and SERS Raman spectra of 0.02 M sucrose solution
(n=3) (b) Average normal Raman spectrum of 2 M aqueous solution and SERS
spectrum of a 0.02 M sucrose solution. Baseline shifting was implemented for illustration
(n=3).

44

Figure 15a shows the SERS spectrum of 8.9 x 10-4 M caffeine solution near
neutral pH. In other work the pH was shown to influence the characteristic spectrum due
to its binding to the metal surfaces when caffeine is protonated. 49–53 Here, the pH is not
changed and is maintained at a pH of around 7, indicated by a pH test paper, although
no dilute acid or base was added to maintain this pH. The concentration of caffeine in
the SERS sample is 8.9 x 10-4 M which is the concentration at which the Raman signal
was indistinguishable from the noise in the non-SERS sample (Figure 15a, red line).
The resulting SERS spectrum clearly displays an improvement in signal strength and
detection capabilities in comparison to the non-SERS spectrum. For the 8.9 x 10-4 M
aqueous solution spectrum, only one characteristic band at 1338 cm -1 was detected
while when AgNPs were introduced into the solution many more characteristic bands
appear. (Seen better in Appendix D) From this result it is thought that electromagnetic
enhancement is taking place considerably more than chemical enhancement due to the
band shifts being relatively small and bands that are measured are similar to the
aqueous solution. Figure 15b is a comparison between the SERS sample and the 8.9 x
10-2 M caffeine aqueous solution to illustrate the characteristic bands that are detected.
Raman bands that are similar include 561cm -1, the 656, 753, and 818 cm-1 group, 934,
1034, 1080 cm-1 group, 1240, 1292, 1331, 1367, 1390, and 1439 cm-1 group, then the
1505, 1560, 1609, and 1701 cm-1 group. By considering the band pattern and ratio of
intensities, small shifts in wavenumber does not affect overall identification since some
instrument variation could occur. Overall, there was detection and characteristic bands
identified below the aqueous limit of detection which can be beneficial for future low
concentrated samples.
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(a)
(b)
Figure 15: (a) Average normal and SERS Raman spectra of 8.9 x 10 -4 M caffeine
solution (n=3) (b) Average normal Raman spectrum of 8.9 x 10 -2 M aqueous caffeine
solution and SERS spectrum of 8.9 x 10 -4 M caffeine solution. Baseline shifting was
implemented for illustration (n=3).
For the acetaminophen SERS samples, the same procedure as for the caffeine
and sucrose was followed. The resulting SERS Raman spectrum (Figure 16) also
indicates electromagnetic enhancement taking place as indicated by the spectrum not
displaying many bands shifted when compared to the 8.0 x 10 -2 M aqueous solution.
(Figure 16b) The SERS sample spectrum can also be compared to the spectrum of
acetaminophen in an aqueous solution at the same concentration, 8.0 x 10 -4 M (Figure
16a, red line), which is the concentration at which the Raman signal was
indistinguishable from the noise in the non-SERS sample. A clear increase in intensity of
bands is displayed and do resemble the 8.0 x 10 -2 M solution depicted in Figure 9b. The
similar bands to the 8.0 x 10-2 M aqueous solution are 661, 722, 801, 828, 1171, 1237,
1292,1371, and 1618 cm-1.

As stated by Santos et al.54, both acetaminophen and its conjugate base can
interact with the metal substrate in different ways due to the different charges and
orientations on the substrate, causing vibrational differences which result in spectrum
changes in the intensities and peak positions. Santos et al.54 discuss SERS spectra after
drop-drying acetaminophen solutions onto a gold-chitosan nano-substrate and
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comparing the resulting spectra to a powdered sample. The authors noted a band at
1325 cm-1 attributed to the amide group, for the acetaminophen powder, becoming a
split peak and more intense in the SERS spectrum. In Figure 16b, the amide 1330 cm-1
band (amide group) in the aqueous solution seems to become a shoulder to the 1371
cm-1 SERS band instead of fully splitting. Even though an aqueous solution is being
compared here rather than a solid, this could indicate the change in band position is due
to the structural changes in the analyte and not the binding to AgNPs. Santos et al.54
also indicated the 1371 cm-1 band changing positions between their SERS samples of
acetaminophen and the conjugate base but this did not occur in this work. Another band
was 1237 cm-1, that appears as a large peak on solid sample spectrum but small and on
the shoulder of other bands in SERS spectrum, this was seen in figure 16b. In addition
to similar bands that could be appearing due to electromagnetic enhancement, Wang et
al.57 have pointed out that the band at 1582 cm -1 can be attributed to a N-H
characterization due to chemical enhancement. This indicated the chemisorption to
AgNPs occurred at the acetamido nitrogen and the lack of the C=O band in the SERS
spectrum. The C=O band would have occurred around 1652 cm -1 as it did in the solid
sample spectrum.57 The electromagnetic enhancement may dominate, and chemical
enhancement affects are taking place but the form the analyte is in will have an effect
when comparing to literature or spectral libraries. Due to these factors, AgNPs have
increased detection capabilities of acetaminophen in solution.
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(a)
(b)
Figure 16: (a) Average normal and SERS Raman spectra of 8.0 x 10 -4 M acetaminophen
solution (n=3) (b) Average normal Raman spectrum of 8.0 x 10 -2 M aqueous
acetaminophen solution and SERS spectrum of 8.0 x 10 -4 M acetaminophen solution.
Baseline shifting was implemented for illustration (n=3).
The quinine performs well for Raman analysis due to the structure containing
multiple ring portions and nitrogen or oxygen containing bonds, (i.e., since they are very
Raman active). The resulting SERS spectrum in Figure 17a displays significant intensity
differences when compared to the non-SERS quinine sulfate dihydrate sample spectrum
(Figure 17a). At the 5.1 x 10-7 M solution is when there were no detectable characteristic
bands with normal Raman. This comparison allows the illustration of SERS capabilities
to improve the limit of detection for structurally complex materials. This can be beneficial
for future analysis in crime laboratories since fentanyl, and its analogues, are structurally
complex while most cutting agents are much less complex. The characteristic bands that
appear in the SERS spectrum resemble the bands observed in the aqueous solution and
are similar to literature reported bands.55 Bands similar to the concentrated quinine
solution include, 646, 666, 763, 829, 1094, 1179, 1242, 1365, 1452, 1579, 1619 cm -1.
(Figure 17 b,c) Since quinine is structurally complex, there are more chances for
changes in the spectrum when nanoparticles are present. This is due to the ability of the
molecule to bind to the metal surface. The chemosorption of the molecule changes the
orientation of the molecule relative to the surface and therefore different vibrational
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modes occur (changing the polarizability).27 It is important to note that spectral patterns
change, including peak positions and their relative intensities, due to the chemical
adsorption and the local environment.
There is less literature that describes the specific tentative vibrational
assignments or changes for quinine sulfate dihydrate in a SERS sample, and it is not
within the scope of this work, however the addition or disappearance of modes in the
SERS spectrum is dictated by the symmetry of the molecules. When molecules are
adsorbed to the surface of AgNPs, the symmetry of the system can change, slightly
modifying the symmetry of the molecule, which can lead to differences in mode selection
and therefore band positions and intensity.58 Punihaole et al.59 have demonstrated the
most intense Raman band of quinine is located at 1370 cm -1 which is attributed to the
stretching motions of the atoms located in the quinoline ring. 59,60 Frosch et al.60 have
proposed the 1370/1371 cm-1 bands to be the spectroscopic marker to monitor local
chemical environments (pH, solvent affects, and binding ability) of the quinoline ring
moiety of quinine.60 This band shifts greatly from an aqueous solution to a solid state
and could indicate a slight difference in the SERS environment as well. 59,60 The increase
in the 1365 cm-1 band intensity in this work may be due to adsorption of quinine sulfate
dihydrate to the substrate by an atom that has lone pairs capable to bind or the
enhancement of the quinoline ring. In addition to the most intense bands, other
characteristic bands (350, 643, 831, 1618, and 1644 cm -1) have been detected in this
work and only vary by a few wavenumbers, which can be attributed to instrumental
variation. The vibrational band assignments have been reported through density
functional theory calculations and Raman spectra and are described in Frosch et al.’s
work.
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(a)

(b)
(c)
Figure 17: (a) Average normal and SERS Raman spectra of 5.1 x 10 -7 M quinine sulfate
dihydrate solution (n=3) (b) Average normal Raman spectrum of 5.1 x 10 -4 M quinine
sulfate dihydrate aqueous solution and SERS spectrum of 5.1 x 10 -7 M quinine sulfate
dihydrate solution (n=3) (c) Zoomed in SERS spectrum of 5.1 x 10 -7 M quinine sulfate
dihydrate solution. Baseline shifting was implemented for illustration.
In addition to literature matches, a spectrum that exhibits bands that do not
match can limit the capabilities for identification of an unknown analyte. These bands
could appear due to a lack of purity of the SERS substrates and any other materials
used. Since SERS is so sensitive down to even 10 -8 M concentrations as illustrated
above, the appearance of ‘anomalous’ Raman bands is a negative consequence of
utilization of this technique. Anomalous means “bands that do not correspond to the
molecules of study but could be attributed to other species or ions existing in the sample
even if present at low concentrations.”

61

It is thought that the anomalous bands could be

from citrate, or nitrate, however none of the resulting bands for the reagent blanks

50

(Figure 13) corresponded with reported values.61 Previous work by Dorney62 has
illustrated that the TFF process is effective at removing by-products from the synthesis
of AgNPs and illustrated the capabilities to obtain interference free spectra. To avoid
anomalous Raman bands, Sanchez-Cortes et al. 61 suggests the use of very pure water
and chemical reagents, obtaining extremely clean glassware, maintaining the colloids at
a low temperature, and utilizing freshly prepared metallic colloids. 61 All of these
suggestions were followed and to ensure reliable results, a reagent blank was analyzed
between each sample.

4. SERS Limit of Detection (LOD)
Due to the capabilities illustrated by the SERS technique to detect quinine at low
concentrations, the SERS limit of detection (LOD) was investigated using the citrate
reduced AgNPs. Mazivila et al.55 has reported the SERS spectra of quinine sulfate
dihydrate solution using gold nanoparticles (AuNPs). In the SERS spectra of the 0.125
µg/mL quinine sulfate dihydrate solution with AuNPs (1:1), the distinct band at 1364 cm -1
and other bands were observed while the 100 µg/mL quinine sulfate dihydrate solution
without AuNPs Raman bands could not be distinguished from the baseline. 55
In this work, the SERS limit of detection was investigated, and an analytical
enhancement factor (AEF) was calculated for quinine sulfate dihydrate solution. Figure
18a displays spectra of decreasing concentrations in the SERS sample starting at 5.10 x
10-7 M to 5.10 x 10-9 M quinine sulfate dihydrate solutions. Characteristic bands of
quinine are at 440, 561, 660, 723, 761, 828, 915, 1002, 1029, 1171, 1270, 1365, 1446,
1470, and 1619 cm-1 which all are still present in the 6.4 x 10 -8 M sample (pink line).
Figure 19 has each individual spectrum band labeled for identification. When
considering each spectrum individually the characteristic bands are still present as the
concentration decreases. The 6.40 x 10 -8 M quinine sulfate dihydrate solution
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corresponds to 0.05 µg/mL. This is a significantly lower concentration than the LOD
previously shown in the literature.55 An estimated limit of detection was calculated
utilizing the peak areas for the 1367cm-1 characteristic band. Figure 18b depicts the
calibration curve and the corresponding linear trendline used for the calculation. From
the calculations the limit of detection was 9.09 x 10-9 M when considering the singular
peak for identification. This LOD is much lower than the visual peaks LOD (6.40 x 10 -8
M) at which many characteristic peaks could be detected and identified.

52

(a)

(b)
Figure 18: Average SERS spectra of quinine sulfate dihydrate sample (Black) 5.10 x 10 -7
M, (red) 2.55 x 10-7 M, (Blue) 1.27 x 10-7 M, (Turquoise) 9.57 x 10-8 M, (Pink) 6.40 x 10-8
M, (Green) 5.10 x 10-8 M, (Dark blue) 5.10 x 10-9 M (n=3). (b) SERS quinine sulfate
dihydrate calibration curve for LOD.
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(a)

(b)

(c)

(d)

(e)

(f)

(g)
Figure 19: Average SERS spectra of quinine sulfate dihydrate samples (a) 5.1 x 10 -7 M,
(b) 2.55 x 10-7 M, (c) 1.27 x 10-7 M, (d) 9.57 x 10-8 M, (e) 6.40 x 10-8 M, (f) 5.10 x 10-8 M,
(g) 5.10 x 10-9 M (n=3).
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5. Analytical Enhancement Factor (AEF)
A large increase in Raman signal for quinine can clearly be observed in Figure
17 - 19 above. A normal Raman spectrum with characteristic bands could not be
obtained at a quinine sulfate dihydrate solution concentration of 5.1 x 10 -7 M, but a
detailed SERS spectral pattern was recorded. The analytical enhancement factor (AEF)
can be used to describe how much more signal can be expected from SERS as
compared to the normal Raman under the given conditions. 46 However, it has been
stated by Pavel et al.15,46 that the AEF should not be used as an absolute comparison for
the performance of different nanosubstrates because it is dependent on adsorption
properties and surface coverage of the analyte. 46 AEF is calculated as
𝑑𝜎

𝐴𝐸𝐹 = 𝑑𝜎 𝑎𝑛𝑎𝑙𝑦𝑡𝑒,

𝑆𝐸𝑅𝑆

/𝑑𝛺

𝑎𝑛𝑎𝑙𝑦𝑡𝑒, 𝑅𝑎𝑚𝑎𝑛 /𝑑𝛺

×

𝑎𝑐𝑞. 𝑡𝑖𝑚𝑒𝑅𝑎𝑚𝑎𝑛
𝑎𝑐𝑞. 𝑡𝑖𝑚𝑒𝑆𝐸𝑅𝑆

(Equation 1)

Where d𝜎analyte, SERS / dΩ and d𝜎analyte, Raman / dΩ are the differential scattering crosssections for a particular vibrational mode. The differential cross-sections can be
determined by using the following equation

𝑑𝜎𝑎𝑛𝑎𝑙𝑦𝑡𝑒, 𝑅𝑎𝑚𝑎𝑛 𝑜𝑟 𝑆𝐸𝑅𝑆/𝑑𝛺
𝑑𝜎𝐻2 𝑂, 𝑅𝑎𝑚𝑎𝑛/𝑑𝛺

=

𝐼𝑛𝑡. 𝑎𝑟𝑒𝑎𝑎𝑛𝑎𝑙𝑦𝑡𝑒, 𝑅𝑎𝑚𝑎𝑛 𝑜𝑟 𝑆𝐸𝑅𝑆 /𝐶𝑎𝑛𝑎𝑙𝑦𝑒, 𝐵𝑢𝑙𝑘
𝐼𝑛𝑡. 𝑎𝑟𝑒𝑎𝐻2𝑂, 𝑅𝑎𝑚𝑎𝑛/𝐶𝐻2𝑂

(Equation 2)

To determine the differential normal and SERS cross sections, each spectrum
was first baseline corrected using the LabSpec software then corrected using 20 user
defined baseline anchor points and a Bspline interpolation method in the Origin 8
software. The differential normal Raman cross-section of H2O, d𝜎H2O, Raman / dΩ , is 2.2 x
10-30 cm2 sr -1.46 The Int.area is the integrated area of a particular band appearing in the
Raman spectrum. The choice of a particular vibrational mode is highly important for a
proper enhancement factor result. The 1371 cm-1 band was used for the integrated area
of the quinine solution, 1365 cm-1 band for the SERS quinine solution, the water
symmetric and asymmetric stretching modes at 3243 - 3401 cm-1 of the normal Raman

55

spectrum, and used for the SERS resulting spectrum. (Appendix F) It is important to
choose an intense, well-resolved characteristic band in both normal Raman and SERS
spectra. The C analyte, Bulk and 𝐶𝐻2 𝑂 refers to the molar concentration of the analyte and
water, respectively.46 The choice to use water stretching modes as a reference is
beneficial since water does not experience SERS enhancement under the experimental
conditions. The resulting AEF was 5.14 x 104, which is an average enhancement for
SERS substances.15 The uncertainty cannot be calculated since only one spectra of a
baseline corrected spectrum with a range of 100-4000 cm-1 was saved for the SRES
sample. The AEF could further be improved with different acquisition times for both the
normal Raman and SERS measurements.

6. SERS Reproducibility
Reproducibility in an experiment is necessary for future use of the technique.
SERS has many variables that are necessary to be considered and kept consistent to
ensure reproducibility and future use for crime laboratories. Nanoparticles have the
greatest variability in SERS experiments since they can vary in size, geometry,
homogeneity, surface chemistry/surface charge and concentration causing the resulting
plasmonic resonance to vary and thus vary the resulting SERS enhancement. The
difficulty in producing SERS substrates is the consistency in the fabrication due to
inhomogeneity and randomness of SERS active ‘hot spots’.26 To demonstrate this,
spectra of quinine sulfate dihydrate were analyzed from the sodium borohydride reduced
AgNPs and the citrate reduced AgNPs. (Figure 20) It is clear that there are differences
in the intensity of several characteristic peaks (763, 1179, 1272, and 1365 cm -1) Also
seen from the spectrum, the intensity values overall are significantly different. This can
be due to the parameters of the instrument, but large differences are due to the AgNPs
enhancement.
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Figure 20: Average SERS Spectrum of 5.10 x 10 -7 M quinine sulfate dihydrate solution
with citrate reduced (black) and sodium borohydride reduced (blue) AgNPs (n=3).
As explained earlier, the sizes of the AgNPs in the colloidal solutions varied since
different filter pore sizes where utilized. The sodium borohydride reduced AgNPs were
processed using the 100kD filter, theoretically resulting in 50-100 nm sized AgNPs, while
the citrate reduced AgNPs were processed using the 10 kD filter resulting in
approximately 10 nm sized AgNPs. Stamplecoskie et.al 63 has indicated the optimal size
of AgNPs for maximum SERS intensity is about 50 nm in size. Which is not what is seen
with the results above. However, this could be due to the other variables involved.
Within this comparison the concentrations varied greatly between the two types
of AgNPs. The concentration of sodium borohydride reduced NPs was only 36 ± 2 μg
mL-1 while the concentration of the citrate reduced NPs used was 647 ± 2 μg mL-1. From
Figure 20, it is clear that a more concentrated sample of AgNPs would allow for more
‘hot spots’ to be formed and therefore more enhancement to take place. When two
nanoparticles are within 1-5 nm of each other they show a strong electromagnetic
coupling and therefore a strong electric field in the gap for the compound of interest to
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interact with. This can take place at a higher probability when more nanoparticles are
present.27 In addition, the surface area must be considered since this is a surface
spectroscopy technique. A large surface area increases the potential number of
molecules that can produce a SERS signal. Having smaller sized nanoparticles would
produce more surface area on a per mass basis. For chemical enhancement, molecules
bind to the metal surface, therefore, the maximum SERS signal is limited by the number
of molecules at the surface. When there are more metal surfaces present then there will
be a larger surface area for interaction.15 There must be a balance between
electromagnetic field increasing due to size of the nanoparticles and scattering of
photons being limited by the surface area to produce the maximum SERS intensity.
Finally, the synthesis methods differed between the two solutions as well. Since
both methods are known to produce spherical and rod-like silver nanoparticles in the
colloidal solution, the most prominent difference is the resulting ion that surrounds the
silver.29 In the sodium borohydride reduced NPs it is a BH4- ion while in the citrate
reduced NPs it is a citrate ion. The reducing agent suppresses the agglomeration or
aggregation through electrostatic or steric repulsion (or both), increasing the stability of
the colloidal solution.29 Mikac et al.29 conducted experiments to determine the best
reducing reagent and aggregating agent for the greatest SERS enhancement of
pyridine. The paper illustrated multiple possible reagents but specifically the citrate
reduced, and sodium borohydride reduced AgNPs varied in size and zeta potential from
the synthesis reagents. The authors concluded citrate reduced AgNPs are larger and
have a more negative zeta potential. The zeta potential indicates the formation of
negative charge on the nanoparticle surface. A larger negative zeta potential prevents
unwanted agglomeration and a stronger chance for analytes to interact with the
nanoparticle surface. This would have an effect when considering the bonding
capabilities of molecules and a larger effect in the enhancement.
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In experiments utilizing colloidal solutions, TFF has been useful to increase
reproducibility since size selection and concentration can be controlled. TFF reduces the
effect of two of the variables just discussed. It is understood this comparison, in Figure
20, is not the most accurate due to multiple variables being changed within the same
solution however it does demonstrate that caution and scrutiny should be taken when
comparing results to other reports in the literature. Variables such as geometry, size,
concentration, and reducing agent of the AgNPs synthesis process will affect the overall
capabilities.
Aside from the AgNPs differences, the solution pH can dramatically affect the
resulting SERS spectra and enhancement capabilities as well. Literature has shown that
the pH has an effect due to the reorientation of the molecule to the metal surface within
the colloid solution but does not impact the vibration of functional groups and chemical
bonds in the molecule.52 Due to this, there still is a molecular fingerprint to the molecule
but it can change in different ways with solution pH. To demonstrate this, a caffeine
sample was made acidic by adding dilute HCl to the solution (2mL AgNPs, 800 µL of
deionized water, 400 µL of 8.9 x 10-3 M aqueous caffeine solution, 800 µL of 8.9 x 10-3 M
HCl were mixed, allowed to stand for 10 minutes then 200 µL of 1.0 M KBr was added).
Once the acidified SERS sample was made, the resulting pH was 6.10, measured by a
pH meter, and can be compared with the non-acidified sample with a pH= 7.2. Figure 21
shows the SERS caffeine spectrum for the solution without any dilute acid added and
the SERS caffeine spectrum with dilute acid added.
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Figure 21: Average SERS spectra of caffeine solution (black) and protonated caffeine
solution (blue) (n=3).
The obvious differences are the intensity and band positions of certain
characteristic peaks in the two SERS spectra. This can be explained based on the
chemical and electromagnetic enhancement effects taking place due to the structure,
reorientation of the molecule, and chemical species present. First, it is known that
caffeine can accept one proton with decreasing pH and will lose the proton with
increasing pH. (Figure2b) There are three atoms, two oxygens and a nitrogen, in the
caffeine molecule which are capable of forming bonds with the metal surface in the
colloid. When caffeine is protonated at the nitrogen, only the two oxygen atoms are
available to bind with the colloid surface, and this will affect the band positions. Previous
work describes each resulting band’s vibration and orientation, but this is beyond the
scope of this work.51,52 Within this result, it can be noted that the charge transfer
mechanism contribution may dominate when acid or base is added to the sample.
Dominant bands from the original SERS spectrum include 493, 561, 656, 1331, 1439,
1609, and 1701 cm-1 while once the sample is protonated different characteristic bands
become dominant such as, 1003, 1235, 1393, 1447, and 1616 cm -1. Bands that are very

60

similar to the solid or aqueous solution spectra would represent more electromagnetic
enhancement taking place since an enhanced signal is detected and the orientation of
that bond had not changed within the SERS sample. When there are more drastic
changes to the characteristic band positions and intensities, this could result from
binding to the metal surface or electrostatic bridges forming with the surface as well.
When attempting to compare these results to different literature sources 49–53, it
was evident that SERS spectra varied with the nanoparticle substrates employed. It is
unclear why and was not stated specifically in any sources. However, this could be due
to the substrate variables discussed earlier (size, geometry, concentration, and
synthesis methods) as well as the pH of the solution, the orientation of the analyte of
interest on the nanosurface (surface selection rule), and plasmon resonances being
wavelength dependent (a different part of the spectrum can be amplified by different
amounts depending on the dispersion of the underlying resonance producing
enhancement).15 To bypass substrate variable problems for possible mainstream uses, it
is important to have a spectral library and characteristic band comparisons based on the
nanosubstrates being used. The enhancement is the result of the nanoparticles
therefore it would be necessary to regulate them to ensure consistent and reproducible
results.
Many other aspects that were not shown here will affect SERS reproducibility.
This includes, instrumental conditions, SERS substrate materials, uniformity, stability,
and shelf life of the substrate.25 Each parameter could be further explained and should
be considered in addition to the variables discussed when applying SERS based
techniques.
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7. Benchtop verses Handheld Raman Capabilities
In addition to improved techniques for ‘street sample’ analysis, advancement in
safety and quick detection of controlled substances in ‘street samples’ are of interest.
Determining if the handheld Raman devices can generate signature spectra with suitable
signal to noise ratios for detection and identification of common cutting agents is
necessary to be able to further demonstrate the use of the devices for everyday work. In
this section, spectra of each cutting agent as a solid and as an aqueous solution were
collected using two handheld instruments: Thermo Scientific Gemini and Rigaku
Progeny ResQ and compared to the bench top instrument results. Also, six mixtures
were analyzed to demonstrate and compare the capabilities of the handheld instrument
and benchtop Raman instrument to detect all components of the matrix.
The handheld devices performed well in identifying each solid cutting agent
utilizing the spectral library of the devices. Figures 1-3 in Appendix G are all the pure
solid spectra from both devices. Example output reports from each device is shown in
Appendix H. The resulting screen and files on the devices list and indicate the possible
matches from the library and the Rigaku device produces a correlation coefficient to the
top match for identification.
Using the acetaminophen as an example, the handheld device can comparably
measure the sample to the benchtop instrument by examining the characteristic bands
that appear. Figure 22 shows the average spectra for the powdered pure
acetaminophen from the benchtop and handheld devices. As it can be seen, all the
bands that represent the ‘fingerprint’ of this compound are present and in similar
intensity ratios in both device spectra and the benchtop instrument spectrum. The
handheld device library matching positively identified each as seen in Table 3. Even
though some of the bands vary by 2-3 wavenumbers, this is common for spectral
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variance. Appendix I are the assignments tables for each cutting agent and can be used
for comparison to the handheld device spectra as well as to help identify which vibration
and structural bond is responsible for each characteristic band.

(a)

(b)
(c)
Figure 22: Average normal Raman spectra of acetaminophen (a) benchtop instrument
(n=10) (b)Thermo Scientific Gemini device (n=3) (c) Rigaku Progeny Res Q device
(n=3).
To make a comparison between the benchtop instrument and handheld devices,
the signal to noise (S/N) ratios were considered. The benchtop instrument had higher
S/N ratios than either handheld device, as expected. The resulting S/N for
acetaminophen solid 860 cm-1 band on the benchtop instrument was 1646 ± 1000 and
the Gemini produced a S/N of 88 ± 6 while the Rigaku produced 260 ± 400. The
uncertainty is reported as two times the standard deviation and is understood it is very
large for the S/N ratios, but this could be due to intensity variations between each spot
analyzed rather than instrument capabilities. The handheld devices had lower S/N ratios
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even though visually the resulting spectra illustrate characteristic bands that were well
resolved and in appropriate intensity ratios. Conducting a student t-test for each sample
with a probability of 0.05, the results indicated the null hypothesis (there is no statistically
significant difference between the samples) was rejected for the individual APAP solid
sample, which indicates the handheld devices do not produce similar S/N ratios as the
benchtop instrument. Similar trends would be assumed with a change in compound
being analyzed. A consideration of the parameters implemented for the benchtop verses
handheld devices will also affect the resulting S/N ratios. The exact exposure time and
accumulation number is unknown for the handheld devices, but different parameters
could help optimize results and therefore yield a better S/N ratio.
When investigating how the handheld devices perform when the sample is an
aqueous solution, the results vary based on concentration. Each cutting agent solution,
at its highest concentration, was measured and the resulting spectrum for each is in
Appendix G, Figures 4-9. This can be demonstrated with the 2 M sucrose solution and
the 5.1 x 10-4 M quinine sulfate dihydrate solution. It is clear that the sucrose solution is
many orders of magnitude more concentrated than the quinine sulfate dihydrate solution
and therefore the resulting spectrum demonstrates how more prominent characteristic
peaks are present at the higher concentrated samples than lower concentrated samples.
(Figure 23) Each of the resulting spectra can be compared to the benchtop Raman
spectra as well to indicate how the liquid samples tend to result in more characteristic
bands at higher intensities on the benchtop than on either handheld device (Appendix
G, Figures 4-9). The resulting matches from each device and solution is summarized in
Table 3. The S/N ratios for the aqueous solutions and student t-test results demonstrate
the S/N ratios differed significantly compared to the benchtop instrument. The S/N ratios
for the 2M sucrose was 387 ± 100, 57 ± 2, 63 ± 5 for the benchtop instrument, Gemini,
and Rigaku device, respectively. The resulting student t-test rejected the null hypothesis
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and confirmed there is significant differences between the final S/N ratios. It was also
noticed the S/N ratios are significantly lower as liquids than as solids, which could be
due the concentration of materials in the solution.

(a)

(b)

(c)
(d)
Figure 23: (a) Thermo Scientific Gemini device averaged resulting Raman spectra of 2 M
sucrose solution (b) Thermo Scientific Gemini device averaged resulting Raman spectra
5.10 x 10-4 M quinine sulfate dihydrate solution (n=3, only 1 run of 3 replicates could be
acquired) (c) average benchtop spectrum of 2 M sucrose solution (d) average benchtop
spectrum of 5.1 x 10-4 M quinine sulfate dihydrate solution (n=10).
It should also be considered what form the analyte was when the library entry
was created. As seen from previous results the spectrum can change when the analyte
of interest is in an aqueous solution due to hydrogen bonding and local environment,
therefore a library entry for liquid solution would be helpful to further improve algorithm
detection but would not change the device capabilities to produce a spectrum.
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Table 3: Resulting matches indicated from the handheld devices.
Identifies Correct
Substance
Rigaku
Thermo
Rigaku Identified
Progeny Scientific
as
Res Q
Gemini
Solids
Yes
Yes
Acetaminophen
Yes
Yes
Caffeine
Yes
Yes
Sucrose
Yes
Yes
Quinine Sulfate
Yes
Yes
Dihydrate
Solutions
Acetaminophen 8.0 x
10-2 M
Caffeine 8.9 x 10-2 M
Caffeine 8.9 x 10-3 M

No

No

Yes

No
Not
analyzed

No

Sucrose 2M

*

Yes

*

Yes

Sucrose 0.2 M

Phenacetin, Pacetoacetanisidide,
acrylic acid

Gemini
Identified as

Nyquil
No Match

No Match
Trehalose
dihydrate, 2amino-1-propanol,
AGAR powder high
gel standard, 2,5anhydro-dmannitol
No Match, 2amino-1-propanol,
AGAR powder high
gel standard, 2,5anhydro-dmannitol

Quinine Sulfate
Dihydrate 5.1 x 10-4
No
No
No Match
No Match
M
* Indicates that sucrose specifically was not matched but some of the possible matches
were sucrose derivatives, sugar alcohol, or have sucrose in it.
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8. Mixtures
Six mixtures were analyzed to demonstrate the capabilities of the handheld
device to detect all components of the matrix. Table 1 lists each mixture’s matrix and
ratios. When comparing the known ratios to the devices matches (Table 4), each device
software had difficulty identifying sucrose and easily identified the other cutting agents
within the mixture. For example, Mixture 6 contained a ratio of 30:10:3:1 of caffeine,
sucrose, acetaminophen, quinine sulfate dihydrate, respectively, and the software
algorithms could identify the acetaminophen but not the sucrose even though more
sucrose was present within the mixture. In addition, Mixture 1 had all components in
equal quantities, and the algorithm still did not identify sucrose. The spectrum indicated
some possible sucrose characteristic bands, such as 739, 1082, and 1325 cm -1,
however more characteristic band could be present. The bands could correspond with
other analyte characteristic bands as well, making it difficult to accurately determine all
components of the mixture by just identifying which bands are present.
Another observation was made with Mixture 6. It was purposeful to have a
significantly lower quantity of a larger molecular compound to simulate and evaluate the
possibilities for identification of a controlled substance, like fentanyl, in the mixture. The
quinine sulfate dihydrate served as the proxy-controlled substance at a low quantity and
was not able to be matched with either handheld device algorithm but a few possible
characteristic bands could be identified using both handheld devices and the benchtop
instrument. This was a crude test since actual street samples may contain more of the
controlled substance than the mixture represents, especially considering some of the
literature sources indicating fewer cutting agents in samples than expected. 7 A more
relevant ratio to consider may be Mixture 5, which almost all components were identified.
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Table 4: Resulting matches from each handheld device.
Identified substances as
Rigaku Progeny
Thermo Scientific
Res Q
Gemini
Mixture 1
Quinine sulfate
Quinine hemisulfate salt
monohydrate and
monohydrate,
dihydrate,
Acetaminophen,
Acetaminophen,
Caffeine
Caffeine(only on one
scan)
Mixture 2
Caffeine,
Caffeine, Sucrose,
Acetaminophen(only
Acetaminophen (only
on one scan)
once)
Mixture 3
Quinine sulfate
Quinine hemisulfate salt
monohydrate and
monohydrate,
dihydrate,
Acetaminophen
Acetaminophen
Mixture 4
Acetaminophen
Acetaminophen,
Sucrose(Only once)
Mixture 5
Caffeine,
Quinine hemisulfate salt
Acetaminophen,
monohydrate,
Quinine Sulfate
Acetaminophen,
monohydrate
Caffeine
Mixture 6
Caffeine,
Caffeine,
Acetaminophen(only
Acetaminophen
on one scan)

Benchtop Raman
Caffeine, Sucrose,
Acetaminophen,
Quinine sulfate
dihydrate

Acetaminophen,
Caffeine, Sucrose,
Acetaminophen,
Quinine sulfate
dihydrate, Sucrose
Acetaminophen,
Sucrose
Acetaminophen,
Quinine sulfate
dihydrate, Sucrose
Caffeine (barely)
Caffeine,
Acetaminophen,
Sucrose (barely),
Quinine sulfate
dihydrate (Possible)

When considering how the handheld devices performed in comparison to the
benchtop Raman, it is expected the benchtop performed with a better resolution, number
of characteristic bands and identification capabilities. For identification of the benchtop
Raman spectra, an excel sheet was created with the characteristic bands listed for each
control spectrum and the mixtures. (Appendix J) Each band was compared to a control
spectrum; and a qualitative conclusion could be made about if all the components could
be identified based on the characteristic bands and relative intensities present. In this
case, many of the components were identified but not all of them could be. The ratios
cannot be concluded either since quantitative measurements were not considered or
performed. The charts shows that some of the characteristic bands could represent
bands from multiple compounds and identifying all the components is still difficult.
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Figure 24 is a comparison of Mixture 5 between the benchtop Raman and the handheld
devices. The rest of the mixture comparisons are in Appendix K. From Figure 24, a
similar result appears with the bands being identical or nearly identical to those obtained
using handheld devices, however the benchtop Raman spectra barely indicates caffeine
characteristic bands being present while the handheld devices did. This could be due to
the similar bands between the components and the quinine sulfate dihydrate
characteristic bands masking some of the bands due to a higher baseline. Table 3,
above, also indicates the potential matches for the benchtop Raman spectra based on
the characteristic bands. For example, the resulting spectra for Mixture 6 demonstrated
more prominent characteristic bands for the quinine using the benchtop instrument but
similar characteristic bands to the handheld devices were shown. This is most likely due
to resolution capabilities and the microscope lens that is utilized with the instrument.
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(a)

(b)
(c)
Figure 24: Mixture 5 averaged resulting Raman Spectra (a) benchtop (baseline
corrected) (n=10) (b)Thermo Scientific Gemini device (n=3) (c) Rigaku Progeny Res Q
device (n=3).
The benchtop results for the capabilities to identify each component could be
subjective since there are plenty more spectra and compounds that could be compared
to the mixture other than the known components. The developments of spectral libraries
on the benchtop instrument would be beneficial for quick identification. Chemometrics
data analysis could be used to better differentiate the components of each mixture as
well. As for the handheld Raman devices they each require spectral libraries for
identification. Constant updating to include spectra of many materials, controlled
substances, and cutting agents, are needed to ensure proper identification.
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S/N ratios for Mixture 1 was calculated with the benchtop and handheld devices.
The benchtop data was analyzed with a baseline corrected spectrum and a non-baseline
corrected spectrum since the devices default settings implement baseline correction for
each spectrum. The S/N ratio of the 1365 cm-1 and 1367 cm-1 band (dependent on the
instrument) for the Gemini device (115 ± 30) was more comparable to the non-baseline
corrected benchtop ratio (185 ± 200) while the Rigaku device S/N ratio (305 ± 100) had
a better comparison with the baseline corrected benchtop spectrum (805 ± 1000). This
could be because the Rigaku instrument default settings have baseline correction
implemented for each scan during analysis then averages each scan for a final
spectrum, while the Gemini device only baseline corrects after all scans are completed
and averaged together. It is understood the uncertainty is very large for the S/N ratios,
but this could be due to intensity differences between each trial or how focused the laser
was on the material rather than instrument capabilities. The student t-test results
indicated to accept the null hypothesis for the benchtop non-baseline corrected versus
Gemini, benchtop non-baseline corrected versus Rigaku, and the benchtop baseline
corrected versus Rigaku S/N ratios. The resulting S/N ratios differences are due to
chance for most of the comparisons. Overall, the mixtures resulting spectra contained
characteristic bands that will allow identification of components on each instrument.
The resulting S/N ratios indicate that the handheld devices are useful for easy to
use and quick detection but would still be better suited for preliminary results for initial
identification with confirmation by the benchtop instrument in a laboratory.
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Conclusions
This work demonstrates the application of Raman and the potential of surface
enhanced Raman spectroscopy in the detection of common cutting agents typically
found in ‘street samples’. An analysis of sucrose, caffeine, acetaminophen, and quinine
sulfate dihydrate was conducted in solid form, in aqueous solution, and in solution with
colloidal silver nanoparticles. The LOD of each cutting agent was determined in solution
to be 0.2 M, 0.0089 M, 0.08 M, and 5.1 x 10 -6 M, respectively, when the resulting spectra
were visually considered. Utilizing peak area and concentration values, the LOD was
calculated to be 0.02 M, 0.002 M, 0.008 M, and 1.7 x 10 -4 M, respectively. The LOD
correlated to the visual spectra, however when considering the singular peaks, the
resulting LODs were lower, except for the quinine aqueous solution.
Each cutting agent in aqueous solution was studied using normal Raman, at the
aqueous LOD, and compared to SERS measurements at the same concentration. The
SERS spectra demonstrated advantages in measurements at lower concentration by
producing well resolved characteristic bands that previously were not distinguishable
from noise in the normal Raman spectra. The specific appearance of characteristic
bands could demonstrate and explain which enhancement mechanism most likely was
taking place. For sucrose, enhancement was difficult to acquire since it has weak
binding to metal surfaces. Caffeine and acetaminophen SERS spectra demonstrated
electromagnetic enhancement dominating due to band shifts being relatively small and
similar to non-SERS spectra. The quinine sulfate dihydrate SERS spectra demonstrated
chemical enhancement dominating since there were distinct band shifting.
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Since the quinine SERS solution had well-defined peaks and large signal
enhancement, the AEF was calculated based on the 1365 cm-1 characteristic band. The
AEF was 5.14 x 104, which is an average AEF value according to literature sources.15
The AEF could have been improved by optimizing instrument parameters, such as the
acquisition time, however overall, the AgNPs colloid solution was efficient at enhancing
the signal of the quinine solution. To improve the accuracy of the AEF, new AEF
methods are being investigated and that could improve the understanding of the
enhancement capabilities when comparing to other substrates and literature. In addition
to determining the AEF the SERS LOD was determined. When considering each
spectrum individually it was clear the characteristic bands were still present at the 6.4 x
10-8 M quinine SERS solution, which corresponds to 0.05 µg/mL, but the calculated LOD
was 9.09 x 10-9 M using the 1365 or 1367 cm-1 band (depends on specific spectrum).
This is a significantly lower quantity than previously shown in literature.55
In addition to comparing the normal Raman spectrum to the SERS spectrum for
each cutting agent, other SERS variables were discussed. Since irreproducibility is a
problem in of SERS studies, common parameters such as AgNPs concentration, AgNPs
size, and solution pH were examined. Resulting SERS spectra of quinine solutions were
analyzed using the sodium borohydride and citrate reduced AgNPs. These NPs differed
in size and concentration and showed that smaller more concentrated AgNPs colloidal
solutions produced a larger signal enhancement of characteristic bands but a tradeoff
between surface area coverage and size needs to be taken into consideration. Since a
comparison of size and concentration was made using two different AgNPs synthesis
methods, this parameter was considered as well. To further improve comparisons and
discussion of reproducibility, future work should show comparisons that only considers
one variable parameter and investigate optimum conditions for each cutting agent.
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As for the pH of the sample solution, using the caffeine solution and citrate reduced
AgNPs, as the pH was decreased slightly the signal intensity improved due to binding to
the AgNPs surface. In addition to signal improvement, characteristic bands and band
intensity changed indicating more chemical enhancement mechanism taking place within
the analysis. The change in the characteristic spectra is expected since binding to the
AgNPs surface causes reorientation of the analyte.
In experiments utilizing colloidal solutions, TFF has been useful to increase
reproducibility since size selection and concentration can be controlled. TFF can control
the effect of two of the variables discussed and these variables (geometry, size,
concentration, and reducing agent of the AgNPs synthesis process) will affect the overall
SERS capabilities and reproducibility. SERS can be a quick and sensitive method that
can be used in combination with portable instrumentation. Similar to standard techniques
for drug analysis, the procedure provides identifiable spectra which can assist the
analyst in downstream confirmation by other analytical techniques.
Portable/handheld devices have become of popular use for many reasons and
continue to demonstrate the capabilities for on-site sample detection. Spectra of solid
and aqueous solutions from the Thermo Scientific Gemini and Rigaku Progeny ResQ
devices have shown insight into the pros and cons of using a bench top versus handheld
Raman instruments. The handheld devices easily produced characteristic spectra and
software algorithms identified all pure solid samples. The resulting spectra compared
well to bench top Raman spectra with characteristic bands appearing at appropriate
ratios. When solutions were measured, the highest concentrated cutting agent sample,
sucrose, could be identified but the lower concentrated solution, quinine solution, was
not able to be identified through the spectra library within the handheld devices. Student
t-tests indicated there were statistical differences from the resulting S/N ratios of the
benchtop instruments and the handheld devices for the solids and aqueous solutions,

74

but the devices can still be used for quick detection for preliminary testing. In addition,
spectra can change when the analyte of interest is in an aqueous solution due to
hydrogen bonding and the local environment of the sample, therefore a library entry for
liquid solution would be helpful to further improve identification capabilities.
Six mixtures were analyzed to demonstrate the capabilities of the handheld
device to detect all components of a matrix. Both handheld devices had similar results
and could identify most of the components in the matrix. The handheld devices did
demonstrate difficulties with detecting and identifying sucrose in the mixtures. It is
unclear why but could be due to similar characteristic bands to other cutting agents or
bands being blocked by high baselines. When considering how the handheld devices
performed in comparison to the benchtop Raman, it was expected the each would
produce characteristic bands and identification capabilities however the student t-test
results indicated there were not statistical differences between the samples S/N ratios of
the benchtop and handheld devices. For identification, each band from the bench top
instrument was compared to reference control spectra. This crude method did
demonstrate the ability to differentiate what is in mixtures but could further be improved
with chemometric data analysis techniques for more accurate differentiation.
As for the handheld Raman devices, each require spectral libraries for
identification. Constant updating to include spectra of many materials, controlled
substances, and cutting agents, are needed to ensure proper identification through the
libraries, however characteristic spectral bands can still be produced. In addition, SERS
analysis could be incorporated for handheld devices for future work and enhancement in
detection however contact with the controlled substance will be required in order to
introduce nanoparticle interactions and cause enhancement. A specific spectral library
would need to be made since characteristic bands can shift based on the chemical
enhancement mechanism. This would require a massive user library since many
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variables affect the enhancement or detection. Future work to develop techniques to
incorporate SERS enhancement in handheld devices will further improve quick detection
capabilities and user safety while maintaining the already impressive advantages of
Raman spectroscopy.
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Appendices
Appendix A: Tangential Flow Filtration Set-up

(a)

(b)
Figure 1: (a) Schematic of hollow fiber filter (b) Picture of Tangential Flow Filtration (TFF)
used for filtration, purification, and concentration of AgNPs.
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Appendix B: Incubation Time Study
A time study was implemented to determine the optimal incubation time for each
SERS sample. This was conducted due to literature being inconsistent with the methods
implemented for the ideal analysis time. Variations for immediate analysis to 24hrs were
indicated for the same analyte of interest or nano-substrate between sources. Due to
these inconsistencies, each SERS sample had Raman measurements performed right
away when the KBr (aggregating agent) was added and every 10 minutes after the KBr
was added. Figure 1 displays the resulting spectra up to 1 hour after mixing. Restricting
the study to 1hour after mixing was to optimize practicality for future use.
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(a)

(b)

(c)

(d)

Figure 1: SERS spectra from the incubation time study for (a) sucrose (b) caffeine (c)
acetaminophen and (d) quinine sulfate dihydrate.
Each analyte ideal incubation time varied slightly when inspecting the best
resulting spectrum in the time period. The best analysis time was determined by
considering the baseline, intensity, and resolution of the resulting bands. The SERS
sucrose sample (Figure 1a) was one of the longer incubation times required to observe
the characteristic bands well. The resulting incubation time used for further analysis of
sucrose solutions was 40-minutes. As for the caffeine SERS sample (Figure 1b) the
‘right away’ signal had the highest intensity but the resolution of bands in the 700-1200
cm-1 range were improved at the 10- or 20-minute marks. The increased baseline in the
range could hide some of the smaller characteristic bands that are used for identification
at lower concentrations. The analysis time after KBr addition was chosen to be between
10-20 minutes to ensure a well resolved spectrum. The acetaminophen SERS sample
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(Figure 1c) had similar results as the caffeine SERS sample and the 20-minute
incubation time was utilized for further analysis. Finally, the quinine sulfate dihydrate
SERS sample (Figure 1d) experienced a large increase in intensity at the 1200-2000
cm-1 range of the spectrum as time increase. It is not fully understood why this took
place but was considered when determining the ideal incubation time. The 20-minute
incubation time was used for analysis throughout experiments due to the high intensity,
level baseline, and better resolved peaks than the ‘right away’ or 10-minute
measurements. Some of the finer details for the decision of each incubation time could
be noticed when a zoomed in spectrum was inspected but the observations here do
show why each incubation time was chosen.
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Appendix C: Precipitate Formation
As demonstrated in the time study, the SERS samples are time-sensitive for
analysis, but also has a shelf-life due to the agglomeration of the AgNPs that can take
place. The potassium bromide (KBr) is added to the SERS sample to induce aggregation
of the AgNPs and produce the enhanced signal, but after some time the aggregation
becomes excessive that it is no longer capable of producing a signal. This can be
demonstrated with the time study since after about 40 minutes the signal intensity
decreased. Figure 1 shows the aggregation that took place within the sample
preparation test tube and cuvette as well as the resulting precipitate (Figure 1d).

(a)

(b)

(c)
(d)
Figure 1: Precipitation formation from the agglomeration of AgNPs in SERS samples. (a)
AgNPs, deionized water, and sample aqueous solution (b) AgNPs, deionized water,
sample solution, and KBr (c) SERS sample in cuvette before analysis (d) SERS sample
in cuvette for more than an hour.
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To determine if the precipitate, that was formed was silver bromide or aggregated
AgNPs, the AgNPs solution was mixed with potassium nitrate (another salt). There was
no immediate precipitation that formed, which coincides with solubility rules, but after a
few hours small black/brown particulates started to form. From this qualitative
assessment it could be concluded that the small particulates could be the AgNPs
agglomerating with time but also could still be silver bromide. A study done by Espinoza
et al. 73 considered two pathways that could be occurring, oxidative decomposition and
aggregation. They concluded at low halide concentrations; oxidative decomposition is
the dominant decay mechanism. The rate is dependent on the halide (Cl - < Br- <I-) For
NaBr specifically, above 50mM, the decay rate increases sharply indicating that
aggregation becomes the dominant mechanism. Therefore, the precipitate forming here
could be both but since the concentration of KBr in the solution used was 10 M but this
does not prove silver bromide is not forming.73
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Appendix D: Raman Spectra of Each Aqueous Solution
Each cutting agent aqueous solution was analyzed using the Raman
spectrometer. The decrease in concentration of the solutions were prepared by serial
dilution and demonstrate decreasing detection capabilities and resulting characteristic
bands. Figure 1 is the Raman spectrum for deionized water, Figures 2-5 are of each
cutting agent solution at varied concentrations.

(a)
(b)
Figure 1: (a) HQ water Raman spectrum. (b) Close up on HQ water spectrum (Range
100-2000 cm-1).
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(a)

(b)

(c)

(d)

Figure 2: Average normal Raman spectrum of (a) 2 M aqueous sucrose solution which
was 25% of its solubility limit, (b) 0.2 M aqueous sucrose solution (c) 0.02 M aqueous
sucrose solution, (d) 0.002 M aqueous sucrose solution (n=3).
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(a)

(b)

(c)
(d)
Figure 3: Average normal Raman spectrum of (a) 0.089 M aqueous caffeine solution
which was 80% of its solubility limit, (b) 0.0089 M aqueous caffeine solution (c) 0.00089
M aqueous caffeine solution, (d) 0.000089 M aqueous caffeine solution (n=3).
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(a)

(b)

(c)
(d)
Figure 4: Average normal Raman spectrum of (a) 0.080 M aqueous acetaminophen
solution which was 86% of its solubility limit, (b) 0.0080 M aqueous acetaminophen
solution (c) 0.00080 M aqueous acetaminophen solution, (d) 0.000080 M aqueous
acetaminophen solution (n=3).
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(a)

(b)

(c)
(d)
Figure 5: Average normal Raman spectrum of (a) 5.1 x 10 -4 M aqueous quinine sulfate
dihydrate solution which was 80% of its solubility limit, (b) 5.1 x 10 -5 M aqueous quinine
sulfate dihydrate solution (c) 5.1 x 10 -6 M aqueous quinine sulfate dihydrate solution, (d)
5.1 x 10 -7 M aqueous quinine sulfate dihydrate solution (n=3).
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Appendix E: SERS Limit of Detection (LOD) of Quinine Sulfate
Dihydrate
Figure 1 are the SERS spectra of the quinine sulfate dihydrate solution from the
limit of detection study. The concentrations are listed in ppm for easy comparison to
some literature sources. Characteristic bands were determined by averaging the bands
that were detected between the different concentrations. Characteristic bands are 440,
561, 660, 687, 723, 761, 783, 828, 915, 1002, 1029, 1053, 1172, 1270, 1365, 1446,
1470, 1536, 1588, 1619, 1639 cm -1.

Figure 1: Average SERS spectra of quinine sulfate dihydrate sample, key writing in ppm
(µg mL-1) (Black) 0.4 ppm, (red) 0.2 ppm, (Blue) 0.1 ppm, (Turquoise) 0.075 ppm, (Pink)
0.050 ppm, (Green) 0.04 ppm, (Dark blue) 0.004 ppm (n=3).
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Appendix F: Analytical Enhancement Factor (AEF) Calculation
Figure 1 demonstrates the peak areas that were used for each calculation.
Figure 1a is the normal Raman spectrum for the quinine solution, the 1371 cm -1 band
was used for characterization, but the peak area range was 1320 – 1416 cm-1. The water
symmetric and asymmetric vibrations peak range was 3247-3401 cm-1. For the SERS
quinine sample the 1365 cm-1 characteristic band is used for the calculation. The peak
area range was 1314 – 1410 cm-1 and the water symmetric and asymmetric vibrations
peak range was 3247 – 3401 cm-1. The water band ranges were kept the same between
the normal and SERS results to ensure consistency.46

(a)
(b)
Figure 1: (a) Normal Raman spectrum of 5.1 x 10 -4 M quinine sulfate dihydrate aqueous
solution (b) SERS Raman spectrum of 5.1 x 10 -7 M quinine sulfate dihydrate solution.
The blue lines represent the area used for each peak area calculation.
To determine the differential normal and SERS cross sections, each spectrum
was first baseline corrected using the LabSpec software then corrected using 20 user
defined baseline anchor points and a Bspline interpolation method in the Origin 8
software. The resulting peak area for the 1371 cm-1 band was 5927.86 and the water
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band was 377909.46. The SERS quinine sample characteristic band was 1365 cm-1 and
the resulting peak area was 461448.02 and the water band was 57201.43.

Concentration of water:
(

1𝑔

∗ 4 𝑚𝐿)/ (18.01 𝑔/𝑚𝑜𝑙)

𝐶𝐻2 𝑂 = 𝑚𝑙
4 𝑚𝐿
𝐶𝐻2 𝑂 = 0.055 mol/ml
𝐶𝐻2 𝑂 = 55.5 M

Normal Raman differential scattering cross-section:
𝑑𝜎𝑎𝑛𝑎𝑙𝑦𝑡𝑒, 𝑅𝑎𝑚𝑎𝑛 /𝑑𝛺
𝐼𝑛𝑡. 𝑎𝑟𝑒𝑎𝑎𝑛𝑎𝑙𝑦𝑡𝑒, 𝑅𝑎𝑚𝑎𝑛 /𝐶𝑎𝑛𝑎𝑙𝑦𝑒, 𝐵𝑢𝑙𝑘
=
𝑑𝜎
/𝑑𝛺
𝐼𝑛𝑡. 𝑎𝑟𝑒𝑎
/𝐶
𝐻2𝑂, 𝑅𝑎𝑚𝑎𝑛

𝑑𝜎𝑎𝑛𝑎𝑙𝑦𝑡𝑒, 𝑅𝑎𝑚𝑎𝑛 /𝑑𝛺
2.2 𝑥 10−30
𝑑𝜎𝑎𝑛𝑎𝑙𝑦𝑡𝑒, 𝑅𝑎𝑚𝑎𝑛 /𝑑𝛺
1

𝐻2 𝑂, 𝑅𝑎𝑚𝑎𝑛

=

5927.86/5.1 𝑥 10−4𝑀
377909.45/55.5 𝑀

𝐻2 𝑂

= 3.755 x 10−27

SERS Raman differential scattering cross-section:
𝑑𝜎𝑎𝑛𝑎𝑙𝑦𝑡𝑒, 𝑆𝐸𝑅𝑆 /𝑑𝛺
𝑑𝜎𝐻2𝑂, 𝑅𝑎𝑚𝑎𝑛/𝑑𝛺
𝑑𝜎𝑎𝑛𝑎𝑙𝑦𝑡𝑒, 𝑆𝐸𝑅𝑆 /𝑑𝛺
2.2 𝑥 10−30
𝑑𝜎𝑎𝑛𝑎𝑙𝑦𝑡𝑒, 𝑆𝐸𝑅𝑆 /𝑑𝛺
1

=
=

𝐼𝑛𝑡. 𝑎𝑟𝑒𝑎𝑎𝑛𝑎𝑙𝑦𝑡𝑒, 𝑆𝐸𝑅𝑆 /𝐶𝑎𝑛𝑎𝑙𝑦𝑒, 𝐵𝑢𝑙𝑘
𝐼𝑛𝑡. 𝑎𝑟𝑒𝑎𝐻2𝑂, 𝑆𝐸𝑅𝑆 /𝐶𝐻2𝑂
461448.02/5.1 𝑥 10−7𝑀
57201.43/55.5 𝑀

= 1.931 x 10−21

AEF Calculation:
𝑑𝜎𝑎𝑛𝑎𝑙𝑦𝑡𝑒, 𝑆𝐸𝑅𝑆 /𝑑𝛺
𝑎𝑐𝑞. 𝑡𝑖𝑚𝑒𝑅𝑎𝑚𝑎𝑛
𝐴𝐸𝐹 =
×
𝑑𝜎𝑎𝑛𝑎𝑙𝑦𝑡𝑒, 𝑅𝑎𝑚𝑎𝑛 /𝑑𝛺
𝑎𝑐𝑞. 𝑡𝑖𝑚𝑒𝑆𝐸𝑅𝑆
1.931 x 10−21
1 𝑠𝑒𝑐
𝐴𝐸𝐹 =
×
3.755 x 10−27
10 𝑠𝑒𝑐
𝐴𝐸𝐹 = 5.14 𝑥 104
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Appendix G: Benchtop verses Handheld Resulting Spectra

(a)

(b)
(c)
Figure 1: Average normal Raman spectrum of sucrose (a) benchtop instrument (n=10)
(b)Thermo Scientific Gemini device (n=3) (c) Rigaku Progeny Res Q device (n=3).
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(a)

(b)
(c)
Figure 2: Average normal Raman spectrum of caffeine (a) benchtop instrument (n=10)
(b)Thermo Scientific Gemini device (n=3) (c) Rigaku Progeny Res Q device (n=3).
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(a)

(b)

(c)

Figure 3: Average normal Raman spectrum of quinine sulfate dihydrate (n=10) (a)
benchtop instrument (b)Thermo Scientific Gemini device (n=3) (c) Rigaku Progeny Res
Q device (n=3).
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(a)

(b)
(c)
Figure 4: Average normal Raman spectrum of 8.0 x 10 -2 M acetaminophen solution (a)
benchtop instrument (b)Thermo Scientific Gemini device (c) Rigaku Progeny Res Q
device (n=3).
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(a)

(b)
(c)
Figure 5: Average normal Raman spectrum of 2 M sucrose solution (a) benchtop
instrument (b) Thermo Scientific Gemini device (c) Rigaku Progeny Res Q device (n=3).
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(a)

(b)
(c)
Figure 6: Average normal Raman spectrum of 0.2 M sucrose solution (a) benchtop
instrument (b) Thermo Scientific Gemini device (c) Rigaku Progeny Res Q device (n=3).
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(a)

(b)
(c)
Figure 7: Average normal Raman spectrum of 8.0 x 10 -2 M caffeine solution (a) benchtop
instrument (b) Thermo Scientific Gemini device (c) Rigaku Progeny Res Q device (n=3).

(a)
(b)
Figure 8: Average normal Raman spectrum of 8.0 x 10 -3 M caffeine solution (a) benchtop
instrument (b) Rigaku Progeny Res Q device (n=3).
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(a)

(b)
(c)
Figure 9: Average normal Raman spectrum of 5.1 x 10 -4 M quinine sulfate dihydrate
solution (a) benchtop instrument (b) Thermo Scientific Gemini device (c) Rigaku Progeny
Res Q device (n=3).
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Appendix H: Example Output Reports from Handheld Devices
The output reports from each device are shown below. Figure 1 is from the
Thermo Scientific Gemini device for Mixture 1. This report demonstrates each band that
results from the analysis and overlays each library spectrum for easy visual comparison.
It also lists the predicted percentage amounts of each component within the mixture.
Figure 2 report is of the Rigaku Progeny Res Q device for Mixture 1. This report shows
the spectrum obtained and lists the resulting matches and a correlation coefficient for the
top match. For a match to be presented, the correlation coefficient must be above 0.80,
however this setting could be adjusted, but will cause a longer list of possible matches to
be presented. Each report is beneficial for a user to easily understand what material(s)
they are handling.

Figure 1: Example output report from the Thermo Scientific Gemini device.
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Figure 2: Example output reports from the Rigaku Progeny Res Q device.
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Appendix I: Assignment Tables
Table 1: Tentative Raman Band Assignments for Sucrose
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Abbreviations:
tw- twisting
δ – deformation modes
 -in plane bending
υ – stretching
 - rocking
δR – deformation ring
t - torsion
vw=very weak, w= weak, m=medium, s=strong, sh=shoulder
Bold indicated intense bands and possible marker bands for identification.
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Table 2: Tentative Raman Band Assignments for Caffeine
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111

112

Abbreviations:
tw- twisting
δ - deformation modes
 - bending
υ - stretching
 - rocking
δ R – deformation ring
t - torsion
vw=very weak, w= weak, m=medium, s=strong, sh=shoulder
Bold indicated intense bands and possible marker bands for identification.
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Table 3: Tentative Raman Band Assignment for Acetaminophen
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115

Mojica et. al. 71 reported the peaks from Tylenol, which contains acetaminophen as the
active ingredient, but peaks may also indicate excipients. The assignments the paper
reported indicated they were based on literature comparisons and DFT-based computer
simulations.
Amado et al. 68 reported the peaks from a paracetamol tablet that was added to water
and allowed to dissolve then left to stand overnight. A mixture of elongated prismatic and
plate like crystals were obtained and filtered for analysis.
Abbreviations:
δ - deformation modes
 - rocking
υ - stretching
 - in plane deformation modes of the
aromatic ring
δR – deformation ring
t - torsion
69- in plane deformation modes of
tw- twisting
substituents
- bending
 - deformation modes of substituents
vw=very weak, w= weak, m=medium, s=strong, sh=shoulder
Bold indicated intense bands and possible marker bands for identification.
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Table 4: Tentative Raman Band Assignment for Quinine Sulfate Dihydrate
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Abbreviations:

 − bending
−rocking
δs- scissoring
w-wagging

δ- deformation mode
υ – stretching
R – deformation ring
- torsion
w- twisting

vw=very weak, w= weak, m=medium, s=strong, sh=shoulder
Bold indicates strong peaks that could be used for identification
Raman bands from reference
solution.
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are from a solid sample, others are from an aqueous
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Appendix J: Excel Matching Table
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121
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123
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Appendix K: Benchtop versus Handheld Resulting Spectra of
Mixtures

(a)

(b)
(c)
Figure 1: Mixture 1 averaged resulting Raman Spectrum (a) benchtop instrument (n=10)
(b)Thermo Scientific Gemini device (n=3) (c) Rigaku Progeny Res Q device (n=3).
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(a)

(b)
(c
Figure 2: Mixture 2 averaged resulting Raman Spectrum (a) benchtop instrument (n=10)
(b)Thermo Scientific Gemini device (n=3) (c) Rigaku Progeny Res Q device (n=3).
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(a)

(b)
(c)
Figure 3: Mixture 3 averaged resulting Raman Spectrum (a) benchtop instrument (n=10)
(b)Thermo Scientific Gemini device (n=3) (c) Rigaku Progeny Res Q device (n=3).
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(a)

(b)
(c)
Figure 4: Mixture 4 averaged resulting Raman Spectrum (a) benchtop instrument (n=10)
(b)Thermo Scientific Gemini device (n=3) (c) Rigaku Progeny Res Q device (n=3).
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(a)

(b)
(c)
Figure 5: Mixture 6 averaged resulting Raman Spectrum (a) benchtop instrument (n=10)
(b)Thermo Scientific Gemini device (n=3) (c) Rigaku Progeny Res Q device (n=3).
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